
 

 

 

 

 

 

ABSTRACT 

 

Obesity-induced Alterations to the Immunoproteasome: A Potential Link to Impaired 

Proteostasis in Skeletal Muscle 

 

Emma Fletcher, Ph.D. 

 

Mentor: Paul M. Gordon, Ph.D. 
 

 

 Effective maintenance of muscle mass is a highly regulated, complex process 

dependent on a tight balance between muscle protein synthesis and breakdown. Evidence 

suggests obesity creates a toxic intramuscular environment, which can damage cellular 

proteins. Such a disruption to proteostasis likely contributes to obese muscle pathology. 

Although inflammation and/or oxidative stress are considered central to impaired 

proteostasis, the underlying mechanisms are unclear. Nevertheless, the 

immunoproteasome (iProt), known to respond to inflammation and oxidative damage, 

may play a role. 

The overarching aims of the studies depicted in this body of work were two-fold. 

The investigation discussed in Chapter Four sought to elucidate whether a high-fat, high-

sucrose diet alters intramuscular iProt content and catalytic activity in wild-type mice to 

identify a possible mechanism for impaired muscle proteostasis in obesity. Total 

proteasome content and activity, as well as estimates of muscle oxidative damage, 

inflammation, muscle mass and strength were also assessed. However, the procedure to 

analyze iProt activity was previously validated on mouse spleen extracts, and the 



translatability to skeletal muscle was unknown. Consequently, Chapter Three describes a 

preliminary study to optimize the assay protocol in murine skeletal muscle. 

The results from Chapter Four demonstrate oxidatively damaged proteins were 

increased in the muscle of obese mice. These intramuscular alterations also coincided 

with reduced iProt and total proteasome activity, and reductions in relative muscle mass 

and strength. Muscle inflammation was unaffected by obesity. Since the proteasome, 

particularly the iProt, is a prime mediator in the removal of oxidized proteins, our 

findings suggest proteasome dysfunction could be a key determining event in the loss of 

intramuscular proteostasis with obesity. As impaired proteostasis diminishes muscle 

integrity, the inability to contain oxidative protein damage via the proteasome, provides a 

plausible explanation for the loss of muscle mass and strength noted in the obese mice. 

Consequently, the results from the study in Chapter Four not only enhance our 

understanding of proteasome function in obese muscle pathology, but also suggest the 

proteasome could be a potential therapeutic target to optimize the maintenance of muscle 

mass and function in obese individuals. 
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CHAPTER ONE 

 

Introduction 

 

 

Obesity can reduce muscle mass and function (1, 8–18), which may be linked to 

ineffective protein turnover (8, 10, 12, 15, 19, 20). Although chronic inflammation and 

oxidative stress disrupt protein homeostasis (proteostasis), the underlying mechanisms 

which coordinate subsequent pathogenic effects in obese muscle are unclear (8, 12, 19). 

Nevertheless, emerging evidence suggests proteasomes may play a crucial role (21). 

The standard 20S and 26S proteasome systems are major cellular pathways 

responsible for protein degradation (3, 22–26), and essential to prevent the toxic 

accumulation of misfolded protein aggregates (19, 24, 27, 28) - a hallmark of impaired 

proteostasis (20, 27, 28). Through these systems, polyubiquitinated and oxidatively 

modified proteins are degraded via the 26S or 20S proteasomes, respectively (3, 22–26, 

28, 29). However, when cells are exposed to oxidative stress or a pro-inflammatory 

stimulus, the catalytic subunits of the standard proteasomes (β1, β2 and β5) are replaced 

by the inducible subunits of the immunoproteasome (iProt); β1i (low molecular mass 

polypeptide 2 (LMP2)), β2i (multicatalytic endopeptidase complex-like 1 (MECL-1)) and 

β5i (low molecular mass polypeptide 7 (LMP7)) (22, 23, 29–33). 

The classically recognized function of the iProt is antigen presentation, and is thus 

considered an important regulator of the immune response (21, 22, 30, 33, 34). However, 

additional non-immune, and standard proteasome-analogous functions, such as the 

degradation of both oxidized and polyubiquitinated intracellular proteins, were recently 
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revealed (22, 23, 31, 33, 35, 36). Moreover, within pro-inflammatory and/or pro-oxidant 

cellular environments, iProt upregulation exceeds the 20S proteasome (22, 29, 31, 37), 

and the 26S proteasome system is transiently inactivated (23, 28, 31, 36, 38, 39). This 

evidence suggests the iProt has a vital role in sustaining proteostasis, particularly under 

conditions of inflammation and oxidative stress (29, 31, 37–39). 

The iProt may also have muscle-specific functions (40) as iProt suppression 

promotes intracellular protein oxidation and prevents muscle differentiation in both 

murine and human skeletal muscle myoblasts (41). Conversely, skeletal muscle 

concentrations of the LMP7 subunit are increased in several inflammation/oxidative 

stress-associated atrophic disorders, such as aging sarcopenia (42, 43), muscular 

dystrophy (44, 45), denervation (46) and other inflammatory myopathies (47). Although 

the pathological significance of raised LMP7 cannot be inferred from intramuscular 

concentrations alone (35, 48), the above data suggest the iProt may aid the maintenance 

of muscle mass, and may become dysregulated in situations of chronic inflammation 

and/or oxidative stress. 

Whether the iProt is altered within obese muscle is unclear. Nevertheless, a 

preliminary study conducted in our lab found 12-weeks of high-fat feeding significantly 

increased both oxidative stress (lipid peroxidation) and protein concentrations of the 

LMP7 subunit in the gastrocnemius (GA) muscle of wild-type (C57BL/6J) mice (49). In 

contrast, intramuscular inflammation and the concentration of the MECL-1 iProt subunit 

were unaffected by diet-induced obesity (DIO). Although the increase in LMP7 content 

could represent a compensatory mechanism to clear oxidatively damaged proteins and 

regain cellular homeostasis (22, 23, 31, 32), accumulating evidence suggests oxidized 
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proteins tend to aggregate in situations of chronic oxidative stress (31, 35). Previous 

research investigating the impact of cellular aging on the standard 20S proteasome 

demonstrates that while oxidized protein aggregates retain the ability to bind to the outer 

(i.e., alpha) subunits of the proteasome, these proteins are often too large to enter the 

catalytic core (50–52). Consequently, further protein aggregation occurs, which may 

ultimately result in proteasome sequestration-induced inhibition (27, 50, 51, 53). 

Although iProt enzymatic activity was not assessed in our prior study (49), the alpha-

subunits of the iProt and standard proteasomes are structurally identical (23, 31, 35). 

Thus, the increase in muscle LMP7 content noted in the obese mice of our prior study 

could conceivably represent inactive or inhibitor-bound units. Considering LMP7 is also 

required for the post-translational processing and maturation of the LMP2 and MECL-1 

iProt subunits (22, 31, 35), such a protein aggregate-induced reduction in LMP7 activity 

may also explain why intramuscular concentrations of the MECL-1 subunit were 

unaltered by DIO despite a rise in LMP7 content (49). If the latter is correct, and iProt 

activity is impaired in obesity, the subsequent inability to contain oxidatively damaged 

protein accumulation (i.e., maintain proteostasis) via the iProt could ultimately 

predispose obese individuals to reductions in muscle mass and/or function. As low 

muscle mass and strength are important predictors of future functional independence, 

morbidity and mortality (13, 18, 54–59), there is a need to determine potential regulators 

of muscle proteostasis and how these factors may or may not be altered in the obese state. 

Therefore, the overarching aims of the studies depicted in Chapters Three and 

Four were two-fold. First, the purpose of the investigation discussed in Chapter Four was 

to elucidate the impact of an obesogenic diet (high-fat, high-sucrose) on intramuscular 
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iProt content and activity, and whether any alterations to the iProt were associated with 

intracellular oxidized protein accumulation and reductions in muscle mass and strength in 

wild-type mice. However, the analytical procedure to assess iProt activity was previously 

validated on mouse spleen extracts (60), and the translatability to skeletal muscle was 

unknown. Consequently, Chapter Three describes a preliminary study to optimize the 

assay protocol listed by the manufacturer in murine skeletal muscle. These optimization 

trials were completed prior to the investigation of Chapter Four. 

A detailed summary of the specific aims for the studies discussed in Chapters 

Three and Four are listed below. 

 

Specific Aims – Chapter Three 

 

A primary outcome measure of the investigation described in Chapter Four was 

the assessment of iProt chymotrypsin-like activity in skeletal muscle homogenate of mice 

with and without DIO. However, the assay protocol previously validated by the 

manufacturer to determine such activity, was based on mouse spleen extracts (60). As the 

spleen contains a comparatively higher iProt content than other non-lymphoid tissues 

(61), the recommended test conditions may not translate to skeletal muscle (62). 

Therefore, the purpose of the study described in Chapter Three was to optimize the 

procedures listed by the manufacturer for skeletal muscle. Two specific aims were 

assessed. 
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Aim 1 – To Determine Muscle Protein Concentrations Sufficient to Yield Fluorescence 

Within the Range of the Standard Curve 

 

The purpose of the initial trial was to use the proprietary assay kit to test a range 

of muscle protein concentrations (1 mg, 3 mg and 5 mg protein) to determine the minimal 

protein content that would yield sufficient fluorescence signal intensity (i.e., signal within 

the mid-range of the standard curve) during the assay. Establishing these concentrations 

were essential to guide final sample protein concentrations to use in future analyses 

(including those of Chapter Four). 

 

Aim 2 – To Determine the Concentration of iProt- and Standard Proteasome-Specific 

Inhibitors Required to Appropriately Lower Proteasome Activity in Skeletal Muscle 

Homogenate 

 

Dose-response trials using the ONX-0914 (iProt-specific) and MG-132 (total 

proteasome-specific) proteasome inhibitors were performed to test if manufacturer- and 

surrounding literature-recommended dosages visibly lowered proteasome catalytic 

activity (i.e., chymotrypsin-like activity) in skeletal muscle homogenate. Observations 

from these trials, together with manufacturer recommendations and inferences from the 

surrounding literature, were used to guide inhibitor doses to use in the analyses of 

Chapter Four. 

 

 

  



6 

Specific Aims – Chapter Four 

 

The study described in Chapter Four utilized an established murine model of DIO, 

known to elicit metabolic derangements that closely resemble the natural progression 

pattern of human obesity (63–65), to investigate three specific aims. 

 

Aim 1 – To Determine Whether iProt Content and Activity is Altered in the Muscle of 

Wild-Type Mice with DIO 

 

Although a prior investigation in our lab noted an increase in both intramuscular 

lipid peroxidation and LMP7 content following 12-weeks of high-fat feeding (49), the 

pathologic significance is unknown. Moreover, fat content was the only dietary variable 

manipulated in our previous study and may not fully reflect the derangements which may 

occur in response to a combined high-fat, high-sucrose (HFS) diet, more consistent with 

the typical western diet (66). Therefore, the initial aim of the study in Chapter Four was 

to assess protein concentrations of the three catalytic sub-units of the iProt; LMP2, LMP7 

and MECL-1, in muscle homogenate via enzyme-linked immunosorbent assay (ELISA) 

kits. Considering fast-twitch muscle is more susceptible to lipid stress and accumulation 

(67, 68), and to minimize possible muscle fiber type-related bias in our results, type II 

fiber predominant muscles (white gastrocnemius (GA) and tibialis anterior (TA)) (69, 70) 

were selected for the purpose of this study. Additionally, as DIO may affect weight-

bearing (e.g., GA) and non-weight bearing (e.g., TA) muscle groups differentially (18, 

71), TA muscles were included in the analyses for comparative purposes. 

As physiological significance of the iProt cannot be inferred from cellular 

presence alone (33, 35, 48, 72), intramuscular iProt chymotrypsin-like activity was also 

assessed via iProt-specific fluorometric assay kits. The protocol for these assays was first 
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optimized for use in skeletal muscle homogenate in the study described in Chapter Three. 

Enzyme activity was normalized to the total proteasome content (i.e., the α-7 subunit) 

contained within each tissue sample (61, 62, 73, 74). Muscle homogenate treated with the 

iProt-specific inhibitor, ONX-0914, served as the negative control. Samples treated with 

MG-132, a non-specific proteasome inhibitor (75, 76), was also assessed for comparative 

purposes. Due to sample volumes required, MG-132 analyses were only performed in GA 

muscle homogenate. 

 

Aim 2 – To Compare the iProt Response with the Extent of Oxidized Protein 

Accumulation in the Muscle of Wild-Type Mice with DIO 

 

Our previous investigation found lipid peroxidation was significantly raised in the 

GA muscle of mice fed a high-fat diet (HFD) (49). However, the significance of this 

finding on intramuscular oxidative protein modification and accumulation, could only be 

inferred. As oxidized protein aggregation (77, 78) could potentially alter proteasomal 

activity (42, 77), an additional aim of the study in Chapter Four was to assess the 

concentration of protein carbonyls, a marker of global protein oxidation (77, 78) within 

the GA and TA of mice fed a HFS diet. Protein carbonyl concentration was analyzed in 

GA and TA muscle homogenate using the OxiSelect™ Protein Carbonyl ELISA Kit. 

Protein carbonyl content between lean and obese mice was subsequently compared to 

iProt content and activity observed in the GA and TA muscle. 
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Aim 3 – To Determine the Effect of DIO on Muscle Mass and Strength in Wild-Type Mice 

 

Our prior study found GA muscle mass was significantly lower in mice fed a 

HFD when expressed relative to total body mass. However, absolute muscle mass was 

significantly increased compared to lean control animals (49), thus rendering the 

significance of the former findings unclear. Since a HFS diet is more consistent with the 

typical western diet (66), the study described in Chapter Four sought to determine the 

combined impact of a high-fat and high-sucrose diet on GA and TA muscle mass of wild-

type mice. 

Additionally, obesity-associated reductions in muscle contractile function and 

relative strength (13, 17, 18) are currently considered stronger predictors of future 

adverse health outcomes (17, 18, 59, 79, 80) and typically manifest prior to a change in 

muscle mass (59). Consequently, a final aim of the study in Chapter Four was to confirm 

the effect of DIO on muscle strength assessed via a forelimb weight lifting test (81, 82). 

 

Secondary Outcomes 

 

Our prior study saw no change in markers of pro-inflammatory macrophages, 

suggesting a HFD does not trigger inflammation within muscle (49). However, 

intramuscular cytokines were not analyzed. As interferon-gamma (IFN-γ) and tumor 

necrosis factor-alpha (TNF-α) are considered the most robust pro-inflammatory activators 

of the iProt (22, 23, 31), and since local inflammation within obese muscle is conflicting 

(9, 83), protein concentrations of IFN-γ and TNF-α were assessed in GA and TA 

homogenate of mice with and without DIO via ELISA. Additionally, given that 

hyperglycemia is a common sequela of an obesogenic diet, which could also impact 
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intramuscular inflammation and oxidative stress (66, 84, 85), blood glucose was 

measured in all mice during the feeding phase of the study via a handheld glucometer. 

 

Hypotheses 

 

The primary hypotheses of the investigation of Chapter Four were; intramuscular 

concentrations of the iProt subunits, protein carbonyls, IFN-γ and TNF-α would be 

increased, however; iProt activity, and relative muscle mass and strength would be 

reduced in mice with DIO. 
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CHAPTER TWO 

 

Literature Review 

 

 

Obesity is associated with multiple co-morbidities, and previous research suggests 

reductions in muscle mass, quality and function are potential sequelae (1, 8–18). 

Evidence obesity disrupts myocellular homeostasis, proteostasis in particular, is 

mounting, and likely central to the onset of associated pathophysiological changes, such 

as type II diabetes (14, 15, 19, 20). Although lipotoxicity-induced inflammation and 

oxidative stress contribute to impaired proteostasis (8, 10, 12, 14, 15, 19), the way in 

which these stressors are regulated and coordinate subsequent pathogenic effects in obese 

muscle is still poorly understood (8, 12, 19). Since an inverse relationship between 

advancing age and muscle mass already exists (86, 87), any molecular perturbations 

noted in muscle of young obese individuals could exacerbate the loss of muscle which 

occurs with age. Moreover, as reductions in muscle mass and strength are important 

predictors of both future morbidity and mortality (13, 18, 54–58), determining potential 

drivers of muscle atrophy and dynapenia, and how these factors may or may not be 

altered in the obese state, is now recognized as a scientific priority (8, 20). The following 

review will discuss recent evidence for a link between obesity-induced lipotoxicity and 

impaired muscle protein homeostasis, and propose a theoretical mechanism for 

compromised proteostasis via alterations in intramuscular immunoproteasome content 

and activity.  
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The Impact of Lipotoxicity on Obese Muscle 

 

Obesity is a disease of overconsumption and positive energy balance. As nutrient 

overload becomes chronic, the capacity of adipose tissue (AT) to store surplus fat 

becomes overwhelmed (1, 8, 10, 20, 88–91). Consequently, non-esterified free fatty acids 

(FFAs) overflow from the expanding AT mass, to accumulate in ectopic sites, including 

skeletal muscle (1, 8, 10, 20, 88–92). As muscle and other non-adipose tissues are less 

equipped to adequately metabolize or store such lipids, an increasingly lipotoxic 

environment is created, with potential pathologic consequences to cell viability and 

function (15, 20, 27). Although the fundamental mechanisms involved in lipotoxicity-

induced muscle pathology are complex and incompletely understood, oxidative stress and 

chronic inflammation appear to play an important role (1, 8, 10, 12, 89–91, 93–96). 

 

The Interdependent Relationship Between Obesity, Oxidative Stress and Inflammation 

 

Oxidative stress refers to an imbalance between tissue oxidants and anti-oxidants, 

which result in an increased production and release of reactive oxygen species (ROS) (14, 

22, 23, 27, 93, 95, 97–99). ROS are by-products generated in various cellular processes 

such as during mitochondrial oxidative metabolism, immune cell oxidative bursts, as well 

as from nicotinamide adenine dinucleotide phosphate oxidase (NOX) enzymes widely 

expressed in numerous cells, including adipocytes and muscle (14, 95, 99–101). During 

these metabolic processes, molecular oxygen is chemically reduced to form unstable free 

radicals, which include, but are not limited to, the superoxide anion (O2
∙-), hydrogen 

peroxide (H2O2), and the hydroxyl radical (∙OH) (93, 95, 98). Under normal/basal cellular 

conditions, the production of ROS is a tightly regulated process (14, 27, 95, 98). 

Transient increases in ROS to moderate/physiologic concentrations is essential for certain 



12 

cell functions, such as antioxidant gene expression and the maintenance of redox balance, 

cell growth, pathogen defense mechanisms, and endothelial function (14, 93, 95, 98, 

102). Conversely, ROS cause oxidative tissue injury when production is sustained and 

cellular concentrations reach supraphysiological levels (14, 98, 102). Key contributors to 

enhanced ROS production and oxidative stress in obesity include; chronic macronutrient 

overload to metabolic pathways, an increase in reactive lipid metabolites and 

inflammation (8, 90, 93–95, 97, 98, 103). 

Briefly, excess macronutrient availability and delivery to the glycolytic and 

lipolytic metabolic pathways generates large amounts of the electron donors NADH 

(nicotinamide adenine dinucleotide dehydrogenase) and FADH2 (1,5-dihydroflavin 

adenine dinucleotide) in the mitochondrial electron transport chain. Such an increase in 

NADH and FADH2 facilitates the donation of electrons to molecular oxygen to form 

disproportionately high levels of ROS, and thus, local oxidative stress (97). In addition, 

the intramuscular accumulation of excess FFAs stimulates the de novo synthesis of toxic 

lipid species such as diacylglycerol and ceramides (1, 27, 96, 99, 100, 103, 104). These 

lipid intermediaries further perpetuate ROS production and oxidative stress via a protein 

kinase C (PKC)-dependent activation of NOX (103, 104). 

The generation of ROS with obesity is also further amplified by the chronic low-

grade inflammation, long-recognized to accompany obesity (1, 88, 91, 93, 94, 99, 105, 

106). A critical component of inflammation in the obese state is the infiltration of innate 

and adaptive immune cells, including pro-inflammatory macrophages, T-cells, mast cells 

and dendritic cells, into AT. Once in situ, activated immunocytes release large amounts 

of ROS and pro-inflammatory cytokines, creating local inflammation and oxidative 
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stress. However, these cytokines can also overflow into the systemic circulation, with 

potential pathologic consequences on peripheral sites, such as muscle (1, 10, 88, 91, 96, 

97, 107). For example, cells co-cultured with cytokines consistent with the pro-

inflammatory profile of obesity (i.e., TNF-α, interleukin (IL)-1β, IL-6 and IFN-γ), were 

shown to significantly increase superoxide production via NOX activation (90, 93, 101). 

Evidence also suggests TNF-α, IL-1β and IL-6 produced in response to AT accumulation 

promote heightened ROS production from tissue-resident leukocytes (28, 94, 97). 

Moreover, ROS can activate the nuclear factor-κB (NF-κB) and c-Jun N-terminal Kinase 

(JNK) signaling cascades to further upregulate pro-inflammatory gene expression, 

resulting in a pro-inflammatory, pro-oxidant paracrine loop (93, 94, 97). 

Ultimately, the convergence of the above mentioned stressors creates an 

increasingly oxidative cellular environment, which can be highly damaging to cells and 

cellular molecules (27). Due to their relative abundance, both intracellular lipids and 

proteins are prime targets (27, 37). Indeed, the accumulation of lipids within cells not 

only promotes ROS production, but lipids are also highly susceptible to ROS 

modification. Specifically, in situations of oxidative stress, ROS peroxidation of 

intracellular FFAs generates reactive lipid aldehydes (27), such as 4-hydroxy-2-nonenal 

(4-HNE), 4-hydroxy-hexenal (4-HHE), malondialdehyde, acrolein, and prostaglandin-

like end-products (isoprostanes) (27, 28). Notably, such modifications appear to occur 

within obese skeletal muscle. For example, a preliminary study conducted in our lab 

found that 12-weeks of high-fat feeding (45% kcal fat) induced lipid peroxidation (8-

isoprostane) (p = .006) in the GA muscle of wild-type (C57BL/6J) mice, presumably 

through enhanced intramuscular oxidative stress (49). Although the pathologic 
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significance in obese muscle is unconfirmed, lipid aldehydes are known to be highly 

reactive due to the electron-withdrawing property of their carbonyl and hydroxyl oxygen 

atoms, and capable of damaging all cellular components, including protein (27, 28). 

Moreover, protein carbonylation via these reactive lipid aldehydes is a common and 

irreversible post-translational loss-of-function modification, and their aggregation is 

considered a hallmark of impaired proteostasis induced by oxidative stress (2, 20, 27, 28, 

108, 109). 

As proteins are key components of muscle, protein quality control (i.e., 

maintaining protein homeostasis) is vital for optimal function (19, 110). Considering the 

aggregation of oxidatively damaged proteins is noted with aging sarcopenia (43, 111), 

and intramuscular fat infiltration increases with age (112, 113), such a disruption to 

proteostasis could conceivably be a determining event in the loss of muscle integrity and 

function thought to occur with obesity, and warrants investigation. 

 

The Regulation of Protein Homeostasis in Skeletal Muscle 

 

The maintenance of intramuscular protein homeostasis is dependent on a tight 

balance between muscle protein synthesis (MPS) and muscle protein breakdown (MPB) 

(1–7). However, sustaining proteostasis is inherently challenging given the various 

external and endogenous stressors that accumulate in obese muscle (1, 2, 8, 12, 90, 93–

95). Although there is some evidence to suggest MPS is reduced in obesity, numerous 

studies show no impediment (4). Consequently, disruption to proteostasis with obesity is 

more likely a function of altered MPB. 

A certain amount of MPB is considered an essential quality control mechanism to 

selectively rid cells of old, misfolded, and/or damaged proteins. Muscle atrophy can 
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occur if this process is over- or under-active (1–4). For example, even a slight 

acceleration in MPB, if sustained, can cause a reduction in muscle mass (2, 3). However, 

this is equally true if MPB is underactive, as the excess strain of damaged protein 

accumulation can ultimately trigger cellular dysfunction and death (2). Therefore, given 

the potential pathologic consequences of altered MPB, cells rely on a network of protein 

quality control systems to regulate proteostasis (19, 24, 111, 114–116). 

Skeletal muscle contains several proteolytic mechanisms; however, the 

proteasome and autophagy-lysosomal systems are the most active in regard to muscle 

protein turnover (25, 28, 48, 111, 116). The primary function of the autophagy-lysosomal 

pathway is the degradation of bulk proteins, such as whole organelles, membrane-bound 

proteins and large unfolded cytosolic proteins (24, 28, 48, 116). In contrast, the 

proteasome system is vital for the proteolytic breakdown of damaged, modified (e.g., 

oxidized), defective and/or partially unfolded proteins (3, 24, 26, 28, 48, 116). Although 

the coordinated actions of both systems are required to maintain intracellular proteostasis, 

the proteasome system is considered the key regulator of proteolysis in skeletal muscle 

(3, 19, 25, 48, 111). Moreover, as cell culture and murine model research suggests 

intramuscular autophagy is unaffected by obesity (92, 117), the focus of the current 

review is on the regulation and potential dysregulation of the proteasome system. 

 

Proteasome Regulation of Protein Homeostasis – The Standard Proteasome Pathway 

 

The standard proteasome system is constitutively expressed in all eukaryotic cells 

and comprised of two structurally similar, but functionally different proteasomes; the 20S 

and 26S proteasomes. Both proteasome variants are large, multi-subunit complexes 

involved in protein degradation, and contain the 20S proteasome as their core unit (3, 22–
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26). Specifically, the 20S proteasome is a cylindrical protein structure consisting of four 

stacked rings; two identical outer alpha (α) rings, each containing seven distinct α-

subunits, and two identical inner beta (β) rings with seven unique β-subunits (22, 23, 31). 

The β1, β2 and β5 subunits are the proteolytically active components, and display 

caspase-like, trypsin-like and chymotrypsin-like enzymatic activity, respectively. In 

contrast, the α rings facilitate substrate recognition (e.g., damaged proteins) and 

association, as well as the recruitment of regulator proteins (22, 23, 25, 26, 31). The key 

function of the 20S proteasome is the removal of oxidatively modified and unfolded 

proteins, the activity of which is enhanced when the α rings bind to an 11S regulator 

protein (24, 25, 29, 31). Conversely, the addition of ATP-dependent 19S regulatory 

complexes to both ends of the 20S core unit produces the 26S proteasome, which 

preferentially degrades polyubiquitinated proteins (3, 19, 24, 25, 31, 111). Therefore, 

proteins must first be labeled via the covalent attachment of ubiquitin (an 8 kDa 

polypeptide) chains to be recognized and destroyed by the 26S proteasome (19, 24, 25, 

111). This protein labeling occurs through the sequential action of three different 

ubiquitin enzymes: the ATP-dependent E1 (ubiquitin activating) enzymes, the E2 

(ubiquitin conjugating) enzymes, and the E3 ubiquitin ligases, ultimately responsible for 

transferring ubiquitin to the protein substrate (19, 111). Although many E3 ligases exist, 

muscle RING finger 1 (MuRF1) and muscle atrophy F box (MAFbx)/Atrogin-1 are 

considered the primary ligases regulating ubiquitination in skeletal muscle (25). 
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Potential Alterations to the Standard Proteasome System with Obesity 

 

Disruption to the 20S and/or the 26S proteasomes impairs proteostasis and is 

associated with pathological states, including muscle atrophy (19, 25, 111). Several 

reports suggest obesity-associated systemic inflammation and/or oxidative stress 

upregulates the 26S proteasome, and thus proteolysis, in the muscle of obese mice and 

rats (16, 83, 118). However, these conclusions are solely based on observed increases in 

one or both of the previously mentioned E3 ligases, and not 26S-specific activity. 

Furthermore, in an investigation where chymotrypsin-like activity was assessed, Turpin 

et al. (117) found a significant reduction in the vastus muscle of wild-type (C57BL/6J) 

mice with DIO. Consequently, increased intramuscular protein ubiquitination with 

obesity does not necessarily imply a commensurate upregulation in 26S activity, and 

results of studies without these measurements should be interpreted with caution. 

Moreover, in vitro analyses of 26S activity show the 26S proteasome is extremely 

susceptible to transient oxidative stress-induced inhibition. Such inactivation occurs via 

the removal, and temporary sequestration of the 19S regulatory proteins, coordinated by 

Extracellular Matrix Protein 29 (ECM29) and Heat Shock Protein 70 (HSP70), 

respectively (29, 31, 77, 119). As oxidative stress is common in obesity (1, 8, 12, 90, 93–

95), subsequent 26S inactivation is plausible. Thus, alterations to muscle proteostasis in 

the obese state may be a result of reduced, rather than increased proteasome function, and 

characterized by an accumulation of ubiquitin-tagged proteins. 

Alternatively, a reduction in the 26S proteasome could be a compensatory 

mechanism considering the 26S proteasome is extremely poor at degrading oxidatively 

damaged proteins (29, 31, 37, 109). Therefore, stress-induced 26S disassembly may be an 
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attempt to free additional 20S proteasomes to contend with an increase in oxidized 

proteins (31). However, the findings and methodologies of Turpin et al. (117), would 

suggest otherwise. Although these investigators observed reduced chymotrypsin-like 

activity in obese animals, the β5 subunit responsible for such activity, is not exclusive to 

the 26S proteasome, but shared by both standard proteasome variants (22, 23, 25, 26, 31). 

Similarly, the negative control (proteasome inhibitor, MG-132) Turpin et al. (117), 

selected to assess β5 activity is not 26S-specific (48, 76). Therefore, there is reason to 

believe 20S function is also impaired with obesity, and warrants investigation. 

Nevertheless, the removal of oxidized proteins can be achieved by one other proteasome 

variant; the immunoproteasome (iProt). 

 

The Immunoproteasome and Protein Homeostasis 

 

Unlike the two standard proteasomes, the iProt is not constitutively expressed in 

all cells, but induced in situations of cellular stress. Specifically, in the presence of 

oxidative stress or a pro-inflammatory stimulus, IFN-γ and TNF-α in particular, the 

catalytic subunits of the standard 20S proteasome (β1, β2, β5) are replaced by those of 

the iProt (β1i (LMP2), β2i (MECL-1) and β5i (LMP7)), which have enhanced 

chymotrypsin-like, but lower caspase-like activity (22, 23, 29, 31, 32, 120). This slightly 

altered enzymatic profile allows for distinct proteolytic activities that generate peptides 

with a high affinity for major histocompatibility complex (MHC) class I antigen 

presentation. Consequently, the traditionally recognized function of the iProt is 

immunological. However, additional, standard proteasome-analogous functions were 

recently revealed, such as the degradation of both oxidized and polyubiquitinated 

intracellular proteins (22, 23, 31, 35). Moreover, head-to-head comparisons show the 
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iProt is more effective than the 20S proteasome in removing oxidatively damaged 

proteins (29, 36), and the catalytic subunits of the iProt are also preferentially upregulated 

over the 20S proteasome in situations of inflammation and/or oxidative stress (22, 23, 29, 

31, 37). When compared to the 26S proteasome, the iProt is considered as efficient, if not 

more efficient in the destruction and elimination of ubiquitinated proteins (36, 38, 39). 

This evidence suggests the iProt has a vital role in maintaining intracellular protein 

homeostasis (23, 31, 35), and iProt dysregulation is implicated in the pathogenesis of 

numerous diseases, including experimental colitis, thyroiditis, arthritis, auto-immune 

neuritis, diabetic nephropathy, abdominal aortic aneurysms and certain cancers (40, 120–

125). 

The iProt may also have other important muscle-specific functions (40, 41). For 

example, Cui et al. (41) report that iProt suppression via short hairpin RNA increased 

intracellular protein oxidation and prevented muscle differentiation in both murine 

C2C12 and human skeletal muscle myoblasts. Conversely, skeletal muscle concentrations 

of the LMP7 subunit are increased in several inflammation-associated atrophic disorders, 

such as aging sarcopenia (42, 43), muscular dystrophy (44, 45), denervation (46) and 

other inflammatory myopathies (47). Although the pathological significance of raised 

LMP7 cannot be inferred from intramuscular concentrations alone (35, 48), the above 

data suggest the iProt may aid the maintenance of muscle mass, and may become 

dysregulated in situations of chronic inflammation and/or oxidative stress. 

Whether iProt activity is altered within obese muscle is currently unclear. 

Nevertheless, a preliminary study conducted in our lab found 12-weeks of high-fat 

feeding significantly increased both oxidative stress (lipid peroxidation) and protein 
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concentrations of the LMP7 subunit in the GA muscle of wild-type (C57BL/6J) mice 

(49). In contrast, intramuscular inflammation and the concentration of the MECL-1 iProt 

subunit were unaltered by high-fat feeding. Although the increase in LMP7 content could 

represent a compensatory mechanism to clear oxidatively damaged proteins and regain 

cellular homeostasis (22, 23, 31, 32), accumulating evidence suggests oxidized proteins 

tend to aggregate in situations of chronic oxidative stress (31, 35). Previous research 

investigating the impact of cellular aging on the standard 20S proteasome demonstrates 

that while oxidized protein aggregates are able to bind to the outer α-subunits of the 

proteasome, these proteins are often too large to enter the catalytic core (50–52). 

Consequently, further protein aggregation occurs, which may ultimately result in 

proteasome sequestration-induced inhibition (27, 50, 51, 53). Although iProt enzymatic 

activity was not assessed in our prior study (49), the α-subunits of the standard- and 

immunoproteasomes are structurally identical (23, 31, 35). Thus, the increased 

intramuscular LMP7 content noted in the obese mice of our prior study could 

conceivably represent inactive or inhibitor-bound units. Given that LMP7 is also required 

for the post-translational processing and maturation of the LMP2 and MECL-1 iProt 

subunits, (22, 31, 35), such a protein aggregate-induced reduction in LMP7 activity may 

also explain why raised intramuscular oxidative stress failed to stimulate an increase in 

the MECL-1 subunit in the obese mice of our prior study. If the latter is correct, and iProt 

activity is impaired in obesity, the subsequent inability to contain oxidatively damaged 

protein accumulation (i.e., maintain proteostasis) via the iProt could ultimately 

predispose obese individuals to reductions in muscle mass and/or function. As muscle 

atrophy is an important predictor of future functional independence, morbidity and 
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mortality (13, 18, 54–58), determining whether altered iProt function contributes to obese 

muscle pathology requires further confirmation. 

 

Conclusions 

 

Effective maintenance of muscle mass is a highly regulated, complex process 

dependent on a tight balance between muscle protein synthesis and breakdown (1–7). 

Research over the last five decades highlight the critical role of the standard proteasome 

in sustaining protein homeostasis, and how aberrations in this proteolytic system are 

linked to numerous diseases, including muscle atrophy (19, 25, 111, 126–128). 

Nevertheless, the growing evidence for the iProt to play a part in intramuscular 

proteostasis cannot go ignored (41–47, 49). 

As numerous exogenous and endogenous stressors are known to accumulate in 

obese muscle (1, 8, 12, 90, 93–95), the risk of proteasome and/or iProt dysfunction is 

high. The subsequent disruption to proteostasis could be a determining event in the loss 

of muscle mass and function thought to occur with obesity (1, 8–18). Considering muscle 

atrophy and reductions in strength amplify the risk of morbidity and mortality (13, 18, 

54–58), there is much merit for future research to further delineate the specific impact 

obesity has on the different proteasome variants and their ability to maintain muscle 

proteostasis. In addition, elucidating the extent to which each individual proteasome 

contributes to impaired muscle proteostasis in the obese state would provide significant 

therapeutic opportunities. Indeed, the ability to manipulate the specific proteasome sub-

type with the greatest impact on obese muscle proteostasis could provide a novel 

mechanism to optimize the maintenance of muscle mass and thus function in obesity. 
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CHAPTER THREE 

 

The Fluorometric Determination of Immunoproteasome and Total Proteasome 

Chymotrypsin-like Activity in Murine Skeletal Muscle: An Assay Optimization Study 

 

 

Introduction 

 

The degradation of intramuscular proteins is an essential quality control 

mechanism to selectively rid cells of old, misfolded, and/or damaged proteins. As muscle 

pathology can occur if this process is over- or under-active (1–4), cells rely on a network 

of regulatory systems to maintain protein homeostasis (19, 24, 111, 114–116). Although 

skeletal muscle contains several proteolytic mechanisms, the proteasome system is a vital 

component (3, 19, 25, 28, 48, 111). 

Proteasomes exist in different isoforms within muscle, including the two standard 

proteasomes, and the less-well described immunoproteasome (iProt) (3, 22, 23). The 

standard proteasome system is constitutively expressed in all eukaryotic cells and 

comprised of two structurally similar, but functionally different variants; the 20S and 26S 

proteasomes. Both isoforms are large, multi-subunit complexes, which contain the 20S 

proteasome as their core unit (3, 22–26). Specifically, the 20S is a cylindrical protein 

structure consisting of four stacked heptameric rings; two identical outer alpha (α) rings, 

each containing seven distinct α-subunits, and two identical inner beta (β) rings with 

seven unique β-subunits (22, 23, 31). The β1, β2 and β5 subunits are the proteolytically 

active components, and display caspase-like, trypsin-like and chymotrypsin-like activity, 

respectively. In contrast, the α rings facilitate substrate recognition (e.g., damaged 

proteins) and association, as well as the recruitment of regulator proteins (22, 23, 25, 26, 
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31). The key function of the 20S proteasome is the removal of oxidatively modified and 

unfolded proteins, the activity of which is enhanced when the α rings bind to an 11S 

regulator protein (24, 25, 29, 31). Conversely, the addition of ATP-dependent 19S 

regulatory complexes to both ends of the 20S core unit produces the 26S proteasome, 

which preferentially degrades polyubiquitinated proteins (3, 19, 24, 25, 31, 111). 

Unlike the two standard proteasomes, the iProt is not constitutively expressed in 

muscle, but induced in situations of cellular stress (41, 46, 120, 129–131). For instance, 

when exposed to a pro-inflammatory stimulus (e.g., IFN-γ and TNF-α) and/or oxidative 

stress, the catalytic β-subunits of the standard proteasome are replaced by those of the 

iProt; β1i (low molecular mass polypeptide 2 (LMP2)), β2i (multicatalytic endopeptidase 

complex-like 1 (MECL-1)) and β5i (low molecular mass polypeptide 7 (LMP7)). Such 

subunit substitutions slightly alters the enzymatic profile of the iProt toward enhanced 

chymotrypsin-like, but lower caspase-like activity (22, 23, 29, 31, 32, 120). Head-to-head 

comparisons show the iProt is more effective in the removal of oxidized proteins than the 

20S proteasome (29, 36), and equivalent to the 26S isoform in the destruction and 

elimination of ubiquitinated proteins (36, 38, 39). 

Accumulating research notes a disruption to 20S and/or 26S proteasome activity 

impairs intramuscular protein homeostasis and is associated with muscle atrophy (19, 25, 

111). However, more recent evidence suggests iProt dysregulation may also be an 

important intermediary in muscle pathology (41, 46, 49, 120, 129–131). Consequently, 

the ability to quantify the proteolytic activity of the proteasome isoforms is crucial to 

further research in numerous atrophic disorders. 
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The classical and most commonly cited method for determining proteasome 

activity in vitro is through the use of fluorescently tagged peptide substrates specific for 

the three catalytic enzymes of the proteasome (73, 132, 133). The model peptide 

substrates are typically three to four amino acids in length and labeled with a fluorescent 

reporter molecule, such as 7-amino-4-methylcoumarin (AMC). During the assay, the 

sample of interest is incubated with these fluoropeptide substrates (62, 132, 133). To 

allow for separate quantification, specific peptide substrates are commercially available 

for each of the different proteasome catalytic subunits (62, 73, 132, 133). As 

chymotrypsin-like activity is considered rate limiting, and thus vital to protein 

breakdown, much research is dedicated toward the quantification of this proteasome site 

(62, 134, 135). 

However, the ability to infer proteasome activity through the use of such model 

peptides alone is limited. For instance, although these substrates are preferentially 

cleaved by the proteasome, non-specific proteolysis by other proteases contained within 

the homogenate can also occur (61, 62, 73, 74). Therefore, the use of appropriate 

negative controls (i.e., a proteasome inhibitor) is imperative to determine proteasome-

specific involvement. Of the numerous inhibitors commercially available, the peptide 

aldehyde MG-132 (Z-Leu-Leu-Leu-al; C 26H41N3O5) is the most widely used (33, 48, 62, 

134). Nevertheless, despite exhibiting high specificity towards proteasome inhibition, 

MG-132 can also inhibit other proteases within the sample (e.g., calpains and various 

lysosomal enzymes) in a dose-dependent manner (33, 48, 75, 76, 134). Moreover, MG-

132 non-selectively inhibits all the proteasome isoforms (34, 134, 136). In contrast, the 
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epoxyketone ONX-0914 (PR-957; C31H40N4O7) has high specificity and selectivity for 

the LMP7 iProt subunit at concentrations below 300 nM (34, 137). 

Regardless of the inhibitor used, the premise of the assay is the same – AMC 

fluorescence intensity (excitation, 340 nm; emission, 460 nm) is monitored over time 

with a microplate reader (62, 133). Initially, AMC fluorescence is quenched while bound 

to the intact substrate peptide. However, with time, proteolytic cleavage by the specific 

proteasome subunit present within a sample releases free AMC, and the increase in 

fluorescence is directly proportional to the catalytic activity of the subunit (62, 73, 132, 

133). Subsequently, proteasome-specific activity, i.e., the rate of cleavage, is determined 

from the slope of the reaction progress curve within the linear range and compared to the 

slope of the negative control (i.e., the slope of the corresponding inhibitor-treated sample) 

(62, 133). Any non-linear portions of the reaction progress curves are excluded from the 

analyses (62). 

Several kits for measuring chymotrypsin-like activity of the standard proteasome 

are commercially available (41). However, few are specific to the iProt, and those that 

are, were previously validated on mouse splenic samples (60), and not skeletal muscle. 

As the iProt content of the spleen is comparatively greater than other non-lymphoid 

organs (61, 73), the recommended assay conditions and inhibitor concentrations may not 

translate to other tissues (62), such as skeletal muscle. Consequently, we sought to trial 

and optimize the assay procedures listed by the manufacturer of one such kit (UBPBio, 

Aurora, CO) in skeletal muscle homogenate. To help guide future assays, we first sought 

to test a range of muscle protein concentrations to determine concentrations that yield 

sufficient AMC fluorescence signal intensity (i.e., signal within the mid-range of the 



26 

AMC standard curve). Lastly, dose-response trials using the ONX-0914 (iProt-specific) 

and MG-132 (total proteasome-specific) proteasome inhibitors were performed to test if 

manufacturer- and surrounding literature-recommended dosages visibly lowered 

chymotrypsin-like activity in skeletal muscle homogenate. 

 

Methods and Materials 

 

 

Preparation of Mouse Muscle Homogenate 

 

Whole skeletal muscle (triceps) previously harvested from 16-week-old male 

wild-type mice (C57BL/6J) (Jackson Laboratories, Bar Harbor, ME) during a prior 

investigation (49) was used for the purpose of the current optimization study. Tissue 

samples were stored at -80oC until current use. All prior in vivo animal care and 

procedures were approved by the Institutional Animal Care and Use Committee (IACUC) 

at Baylor University. 

For the present investigation, frozen triceps muscle tissue (N = 10) was 

homogenized (Polytron Kinematica, Bohemia, NY), in ice-cold cell lysis buffer (40 mM 

Tris, pH 7.2, 50 mM sodium chloride (NaCl), 2 mM beta-mercaptoethanol (βME), 2 mM 

adenosine triphosphate (ATP), 5 mM magnesium chloride (MgCl2), UBPBio, Aurora, 

CO). The inclusion of ATP and MgCl2, and the exclusion of protease inhibitors in the 

lysis buffer ensured the proteasome structure, and thus activity were preserved (60, 62). 

Once homogenized, all samples were centrifuged at 17000 g for 20 min at 2oC. Total 

protein concentration contained within the muscle homogenate was determined in 

duplicate using the Bradford assay method, with BSA (Bio-Rad, Hercules, CA) as a 

standard. Homogenates were subsequently aliquoted and stored at -80oC until use. 
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Measurement of Intramuscular Chymotrypsin-like Activity 

 

A commercially available fluorometric assay kit (UBPBio, Aurora, CO, cat. No. 

J4160) designed to measure proteasome activity in vitro using cell lysates or tissue 

extracts was used to determine chymotrypsin-like activity in triceps muscle homogenate. 

 

AMC standard.  AMC standard stock (100 µM in dimethyl sulfoxide (DMSO), 

UBPBio, Aurora, CO) was diluted in assay buffer (40 mM Tris, pH 7.1 at 37°C, 2 mM 

βME, UBPBio, Aurora, CO) to make a 1600 nM AMC stock standard. A two-fold serial 

dilution of the AMC stock standard was used to generate the standard curve (range: 1600 

nM – 25 nM AMC). Blanks (0 nM AMC) were assay buffer only. 

 

Fluorescent protease substrate.  The peptide substrate Ac-ANW (Acetyl-Ala-

Asn-Trp) labeled with fluorescent AMC (UBPBio, Aurora, CO) was the model substrate 

used to test chymotrypsin-like activity. The fluoropeptide substrate was prepared as a 50 

mM stock solution in DMSO (Sigma-Aldrich, St. Louis, MO) and diluted in assay buffer 

(40 mM Tris, pH 7.1 at 37°C, 2 mM βME, UBPBio, Aurora, CO) to a final concentration 

of 100 µM immediately prior to use.  

 

Proteolysis assay – determining sample protein concentrations that yield suitable 

fluorescence within the range of the standard curve.  Muscle homogenates (N = 10) were 

diluted in assay buffer (40 mM Tris, pH 7.1 at 37°C, 2 mM βME, UBPBio, Aurora, CO) 

to final concentrations of 1 mg (n = 1), 3 mg (n = 5) and 5 mg (n = 4). The protein 

concentrations selected were based on assay recommendations to plate samples in a final 

concentration between 1 – 5 mg protein. Diluted samples were subsequently incubated in 

assay buffer for 10 min at 37°C prior to fluoropeptide substrate addition. A serial dilution 
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of AMC (UBPBio, Aurora, CO) was used to generate a standard curve. Sample 

chymotrypsin-like activity was measured by monitoring AMC liberation over time with a 

multi-mode microplate reader (Varioskan LUX, Waltham, MA) using excitation and 

emission wavelengths of 340 nm and 460 nm, respectively. All experiments were 

performed at 37oC in a final volume of 100 µL (50 µL sample and 50 µL Ac-ANW-AMC 

(100 µM) substrate) in black, 96-well microtiter plates (Greiner Bio-One, Monroe, NC). 

AMC fluorescence was measured every minute for 15 min, and the microplate reader was 

programed to probe from the top of the plate and shake for 5 s immediately prior to each 

reading. All assays were performed in triplicate, with blank values subtracted. As the 

purpose of this trial was to compare the fluorescence of samples containing different 

concentrations of protein against that of the AMC standard curve, negative controls 

(proteasome inhibitors) were not required. 

 

Proteasome inhibitor selection and stock preparation.  Two proteasome inhibitors 

were used for the purpose of our optimization trials; 1) MG-132, supplied with the assay 

kit, and 2) ONX-0914 (UBPBio, Aurora, CO, cat. No. F1410). Although Ac-ANW-AMC 

is a preferred substrate of the iProt, cleavage can also occur via the standard proteasome, 

albeit at a reduced rate (approximately 6-fold slower when compared to the iProt) (60, 

138). Consequently, the ONX-0914 inhibitor was selected to test iProt-specific enzymatic 

activity. MG-132 was included as a measure of total proteasome activity. Additionally, 

the in vitro use of MG-132 was previously validated in proteasomes extracted from 

rodent skeletal muscle (46, 129, 139), and thus we elected to include MG-132 to be 

consistent with the body of literature. MG-132 and ONX-9014 were prepared as 10 mM 
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and 25 µM stock solutions in DMSO (Sigma-Aldrich, St. Louis, MO), respectively. Stock 

solutions were stored as aliquots at -80oC until use. 

 

Selection of proteasome inhibitor dose range.  Inhibitor concentrations were 

selected based on proprietor recommendations and the surrounding literature. Prior 

investigations note a 200 µM concentration of MG-132 is sufficient to inhibit activity in 

proteasomes extracted from muscle tissue lysates (46, 129, 139). However, recommended 

in vitro concentrations are 50-200 µM (UBPBio, Aurora, CO). Consequently, eight 

different MG-132 concentrations within, and slightly beyond, the recommended range 

were selected for dose-response assays (i.e., 60, 80, 100, 125, 160, 200, 250 and 315 

µM). Concentrations selected were equally spaced on a log-based scale.  

No comparable data for the in vitro inhibition of the iProt in skeletal muscle was 

available. Therefore, ONX-0914 dosage selection was based on: 1) typical dose ranges 

for in vitro assays stated on the data sheet (i.e., 100 – 500 nM), 2) concentrations 

previously utilized and validated in other tissue lysates (200 nM) (34), and 3) per assay 

manufacturer recommendations (optimally 200 nM, but no more than 300 nM). Eight 

dosages of ONX-0914, with concentrations increasing on a log-scale, were subsequently 

selected (i.e., 100, 125, 160, 200, 250, 315, 400 and 500 nM) for the dose-response trials. 

 

Proteolysis assay – dose-response trials.  Prior to fluoropeptide (Ac-ANW-AMC) 

substrate addition, the muscle homogenate (3 mg) was pre-incubated in assay buffer (40 

mM Tris, pH 7.1 at 37°C, 2 mM βME, UBPBio, Aurora, CO) for 10 min at 37°C in the 

absence or presence of varying concentrations of ONX-0914 or MG-132. Due to limited 

sample availability, the dose-response curves were only tested on one sample. Peptidase 
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activity was measured by monitoring AMC liberation over time as previously described 

using excitation and emission wavelengths of 340 nm and 460 nm, respectively. The 

dose-response trial was performed at 37oC in a final volume of 100 uL in black, 96-well 

microtiter plates (Greiner Bio-One, Monroe, NC), and AMC fluorescence was measured 

every minute for 15 min. The ONX-0914 assays were performed in triplicate; however 

due to sample volume limitations, the MG-132-treated samples were performed in 

duplicate. Relative AMC fluorescence readings (fluorescence with blank values 

subtracted) measured over time were subsequently plotted in Microsoft Excel (Microsoft 

Office Professional Plus 2019, version 2104) to generate dose-response curves. 

Conclusions regarding optimal inhibitor concentrations to use for future investigations 

were based on: 1) the visual assessment of the dose-response curves at the final 

fluorescent reading (i.e., the reading at 15 min), 2) manufacturer suggestions, and 3) the 

surrounding literature. 

 

Statistical Analyses 

 

All graphics and linear trendline correlation computations were generated in 

Microsoft Excel (Microsoft Office Professional Plus 2019, version 2104). SPSS (version 

26.0) for Windows was used to perform statistical analyses. Statistical significance was 

accepted at the p < .05 level of confidence. One-way analysis of variance (ANOVA) and 

Bonferroni post-hoc tests were used to compare change in AMC fluorescence intensity in 

muscle homogenate containing varying amounts of total protein. All values are reported 

as mean  standard error of the mean (SEM) where appropriate. Conclusions regarding 
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optimal assay inhibitor concentrations were based on the visual assessment of the data, 

manufacturer suggestions and the surrounding literature. 

 

Results 

 

 

AMC Fluorescence in Relation to Muscle Homogenate Protein Content 

 

The initial purpose of the assay optimize trials was to determine muscle sample 

protein concentrations which yield AMC fluorescence signal intensity within the range of 

the AMC standard curve. A serial dilution of AMC was used to generate a standard curve 

for comparative purposes (figure 3.1). The resulting trendline illustrates fluorescence 

intensity is proportional to the concentration of free AMC in assay buffer (R2 = .9999). 

The range of AMC fluorescence (i.e., mean AMC fluorescence of the replicates) between 

the low (25 nM) and high (1600 nM) standards was 4.31 ± .02 AFU and 138.00 ± 1.40 

AFU, respectively (blank fluorescence was 2.25 ± .03 AFU). 
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Figure 3.1. AMC standard curve. Data points are mean AMC fluorescence intensity as a function 

of AMC concentration within the assay buffer. Standards were plated in duplicate. The trendline 

equation and associated R2 value are also displayed. 

 

 

AMC fluorescence intensity liberated over time from skeletal muscle 

homogenates of varying final concentrations (1 mg, 3 mg, and 5 mg) are displayed in 

figure 3.2. When samples containing 3 mg and 5 mg protein were compared, one-way 

ANOVA with post-hoc tests revealed samples containing 5 mg protein liberated a 

significantly greater fluorescence signal across all time points of the reaction progress 

curve (p < .001 for all comparisons). Nevertheless, samples containing 3 mg and 5 mg 

protein both produced fluorescence signals within the range of the AMC standard curve. 

In contrast, muscle homogenate containing 1 mg protein yielded a weak signal, which 

was significantly lower than samples containing 3 mg from the third minute of the 

reaction (3 mg protein 5.31 ± .1 RFU vs 1 mg protein 3.21 ± .1 RFU, p = .040), and 

lower than 5 mg protein across all time points of the reaction progress curve (p < .001 for 

all comparisons) 



33 

 
 

Figure 3.2. Intensity of AMC fluorescence liberated from skeletal muscle homogenates of varying 

protein concentrations. Data are displayed as mean AMC fluorescence with blank values 

subtracted  SEM for samples containing 3 mg (n = 5) and 5 mg (n = 4) protein, respectively. 

Data for the sample containing 1 mg protein (n = 1) are displayed as mean fluorescence of 

replicates with blank values subtracted  SEM of the replicates. All samples were plated in 

triplicate for this trial. A one-way ANOVA with Bonferroni post-hoc tests revealed * samples 

containing 5 mg protein produced significantly greater signal compared to samples containing 3 

mg and 1 mg protein across all time points (p < .001 for all comparisons), and † fluorescence 

intensity for samples containing 3 mg protein was significantly greater than 1 mg protein from the 

third minute of the reaction progress curve (p < .050 for all remaining comparisons). 

 

 

Dose-Response Trials 

 

AMC fluorescence liberated from skeletal muscle homogenate (3 mg, n = 1) in 

the absence or presence of varying concentrations of ONX-0914 or MG-132 are 

displayed in figures 3.3 and 3.4, respectively. All concentrations of the proteasome 

inhibitors yielded visibly lower AMC fluorescence at each time point, when compared to 

untreated homogenate. Upon visual assessment of the final fluorescence reading (i.e., the 

reading at 15 min), the reduction in AMC fluorescence appeared to cluster for ONX-

0914-treated homogenates between a concentration of 160 – 400 nM. For homogenate 
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treated with MG-132, fluorescence reduction clustered between 125 – 200 µM. Such 

visual, mid-range “clustering” of fluorescence is suggestive of optimal dose ranges for 

proteasome-specific inhibition (per communication). 

 

 

 
 
Figure 3.3. Intensity of AMC fluorescence liberated from skeletal muscle homogenate (3 mg 

protein) in the absence and presence of varying doses of the iProt inhibitor ONX-0914. Data are 

displayed as mean AMC fluorescence with blank values subtracted. 
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Figure 3.4. Intensity of AMC fluorescence liberated from skeletal muscle homogenate (3 mg 

protein) in the absence and presence of varying doses of the non-specific proteasome inhibitor 

MG-132. Data are displayed as mean AMC fluorescence with blank values subtracted. 

 

 

Discussion 

 

Although several kits for measuring chymotrypsin-like activity of the proteasome 

are commercially available (41), few are specific to the iProt. Moreover, many of the 

available assays require proteasome extraction and purification prior to use and are 

unsuited for the direct assessment of proteolytic activity in tissue homogenate (62, 135, 

140). The process of extraction involves tissue and cell lysis (either via sonication, glass 

bead disruption, freeze thaw lysis or via the use of detergents), centrifugation and 

washing. Such procedures are costly, time consuming, typically require large numbers of 

cells and may ultimately interfere with proteasome activity (62, 135). Despite the recent 

development of fluorometric assays appropriate for use with tissue homogenate (60, 135), 

their utility in murine skeletal muscle was unknown. Consequently, the present study 
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sought to trial and optimize the assay procedures listed for a kit previously deemed 

suitable for the in vitro assessment of chymotrypsin-like activity in tissue homogenate 

(60). 

Considering the relatively small size of murine limb muscles, muscle homogenate 

sample volumes are invariably low. Given these restrictions and the large volumes 

required to perform the assay, the purpose of the initial trial was to assess a range of 

muscle protein concentrations to determine the minimal protein content that would yield 

sufficient AMC fluorescence signal intensity. Establishing these concentrations were 

essential to guide future analyses. As the suggested final protein concentrations for the 

assay were between 1 – 5 mg protein, and due to the limited number of samples available, 

we elected to test muscle homogenate containing 1 mg, 3 mg and 5 mg protein. Our 

results show that once the reaction progress curves achieved linearity, sample 

concentrations containing 3 mg and 5 mg protein produced AMC fluorescence within an 

appropriate range of the standard curve. In contrast, the signal was comparatively weak 

for samples containing 1 mg protein. Future studies should therefore ensure final protein 

concentrations for the assay are maximized as much as possible to achieve optimal 

fluorescence. Nevertheless, we clearly demonstrate 3 mg protein produces sufficient 

signal that would enable the further calculation of proteasome activity (by extrapolation 

to the standard curve) (62). 

Hence, muscle homogenate containing 3 mg protein was utilized for the dose-

response trials1. The subsequent data show all doses of the inhibitors assessed produced 

visibly lower AMC fluorescence, when compared to untreated muscle homogenate. 

 
1 Sample volumes allowed for the use of 3.5 mg protein for the study described in Chapter Four. 
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However, selecting optimal proteasome inhibitor concentrations for use in future assays 

is inherently complicated given both MG-132 and ONX-0914 lose inhibition specificity 

at high concentrations (33, 34, 48, 62, 75, 76, 134, 137). For instance, although MG-132 

is a potent inhibitor of the proteasome, co-inhibition of other proteases contained within 

the sample, such as calpains and various lysosomal enzymes, can also occur in a dose-

dependent manner (33, 48, 75, 76, 134). Similarly, the iProt-specific inhibitor ONX-0914 

is suggested to lose specificity and inhibit all proteasome isoforms at concentrations 

exceeding 300 nM (34, 137). As a result, conclusions regarding optimal inhibitor 

concentrations, which also minimize the risk of non-specific inhibition, were based on: 1) 

the visual assessment of the data, 2) manufacturer suggestions and 3) the surrounding 

literature. First, per manufacturer recommendation, the reaction progress curves 

generated during the dose-response trials were visually evaluated for patterns (“clusters”) 

in the data. Specifically, a visual assessment of the final fluorescence reading (i.e., the 

reading at 15 min) was performed to determine inhibitor concentrations which 

“clustered”, or liberated a similar mid-range lowering of AMC fluorescence intensity. 

Our graphics show, inhibitor-treated muscle samples appeared to yield comparable 

reductions in AMC fluorescence intensity between doses of 160 – 400 nM (ONX-0914), 

and 125 – 200 µM (MG-132). However, as the risk of non-specific proteasome inhibition 

increases when ONX-0914 concentrations exceed 300 nM (34, 137), and since a dose of 

200 nM was previously shown to produce optimal iProt inhibition in other tissue samples 

(34), we propose 200 nM as the most appropriate option for future research with skeletal 

muscle. 
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For MG-132 sample treatment, prior investigations note a 200 µM dose inhibits 

chymotrypsin-like activity in proteasomes extracted from rodent skeletal muscle tissue 

lysates (46, 129, 139). Therefore, the observations of our preliminary trials, together with 

the body of literature suggests 200 µM MG-132 is sufficient for the in vitro inhibition of 

proteasomes contained within muscle homogenate, while also minimizing the risk of non-

specific protease inhibition bias. 

 

Conclusions 

 

Considering the above conclusions are largely based on observational analyses 

and assumptions, this work is not without limitations. Nevertheless, given the combined 

evidence available, we believe the present study demonstrates measures future 

investigations can take to optimize assay conditions for murine skeletal muscle. Future 

work should also consider the between-sample variability in proteasome concentration 

when estimating proteasome activity. Although such measures were not required to 

satisfy the specific aims of the current preliminary trials, future experimental studies 

should normalize estimates of proteasome activity to the total proteasome content 

contained within each tissue sample to ensure results are comparable (33, 73). 
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CHAPTER FOUR 

 

Obesity-induced Alterations to the Immunoproteasome: A Potential Link to Impaired 

Proteostasis in Skeletal Muscle 

 

 

Introduction 

 

Obesity can reduce muscle mass and strength (1, 8–18), and the incidence of 

adverse health outcomes including future disability, morbidity and mortality, is greatly 

amplified when these risk factors present together (13, 141–143). Growing evidence 

suggests obesity creates an increasingly toxic intramuscular environment, which can be 

highly damaging to muscle cells and cellular molecules (15, 20, 27). Due to their relative 

abundance, intramuscular proteins are prime targets (27, 37), and a disruption to protein 

homeostasis (proteostasis) is a likely determining event in the loss of muscle integrity and 

function thought to occur with obesity (8, 10, 12, 15, 19, 20). Although chronic 

inflammation and oxidative stress contribute to impaired proteostasis, the underlying 

mechanisms which coordinate subsequent obese muscle pathology are unclear (8, 12, 19). 

Nevertheless, proteasomes may play a crucial role (21). 

The standard 20S and 26S proteasome systems are major cellular pathways 

responsible for protein degradation (3, 22–26), and essential to prevent the toxic 

accumulation of damaged, modified (e.g., oxidized), defective and/or partially unfolded 

proteins (19, 24, 27, 28) - a hallmark of compromised proteostasis (20, 27, 28). Through 

these systems, polyubiquitinated and oxidatively modified proteins are degraded via the 

26S or 20S proteasomes, respectively (3, 22–26, 28, 29). However, in the presence of 

oxidative stress or a pro-inflammatory stimulus, the catalytic subunits of the standard 
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proteasomes (β1, β2 and β5) are replaced by the inducible subunits of the 

immunoproteasome (iProt); β1i (low molecular mass polypeptide 2 (LMP2)), β2i 

(multicatalytic endopeptidase complex-like 1 (MECL-1)) and β5i (low molecular mass 

polypeptide 7 (LMP7)) (22, 23, 29–33). When compared to the standard proteasome, the 

iProt displays enhanced chymotrypsin-like, but lower caspase-like catalytic activity (22, 

23, 29, 31, 32, 120). This slightly altered enzymatic profile allows for distinct functions 

such as antigen presentation, T-cell differentiation and cytokine production (21, 22, 30, 

33, 34). Consequently, the iProt is considered an important regulator of the immune 

response (21, 22, 30, 33, 34). However; additional, standard proteasome-analogous 

functions were recently revealed, such as the degradation of both oxidized and 

polyubiquitinated intracellular proteins (22, 23, 31, 35). Moreover, within pro-

inflammatory and/or pro-oxidant environments, iProt upregulation exceeds the 20S 

proteasome (22, 29, 31, 37), and the 26S proteasome system is transiently inactivated (23, 

28, 31, 38, 39). Head-to-head comparisons also show the iProt is more effective than the 

20S proteasome in removing oxidatively damaged proteins (29, 36), and is at least as 

efficient, if not more efficient, than the 26S proteasome in the destruction and elimination 

of ubiquitinated proteins (36, 38, 39). This evidence suggests the iProt has a vital role in 

sustaining proteostasis, particularly under conditions of inflammation and oxidative stress 

(29, 31, 37–39). 

The iProt may also have muscle-specific functions (40) as iProt suppression 

promotes intracellular protein oxidation and prevents muscle differentiation in both 

murine and human skeletal muscle myoblasts (41). Conversely, skeletal muscle 

concentrations of the LMP7 subunit are increased in several inflammation/oxidative 
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stress-associated atrophic disorders, such as aging sarcopenia (42, 43), denervation (46), 

muscular dystrophy (44, 45), and idiopathic inflammatory myopathies (47). Although the 

pathological significance of raised LMP7 cannot be inferred from intramuscular 

concentrations alone (35, 48), the above data suggest the iProt may aid the maintenance 

of muscle mass, and may become dysregulated in situations of chronic inflammation 

and/or oxidative stress. 

Whether the iProt is altered within obese muscle is currently unclear. 

Nevertheless, a preliminary study conducted in our lab found 12-weeks of high-fat 

feeding significantly increased both oxidative stress (lipid peroxidation) and protein 

concentrations of the LMP7 subunit in the gastrocnemius (GA) muscle of wild-type 

(C57BL/6J) mice. In contrast, intramuscular inflammation (pro-inflammatory 

macrophages) and the concentration of the MECL-1 iProt subunit were unaffected by 

diet-induced obesity (DIO) (49). While the increase in the LMP7 subunit could represent 

a compensatory mechanism to clear oxidatively damaged proteins and regain cellular 

homeostasis (22, 23, 31, 32), accumulating evidence suggests oxidized proteins tend to 

aggregate under conditions of chronic oxidative stress (31, 35). Previous research 

investigating the impact of cellular aging on the standard 20S proteasome demonstrates 

that while oxidized protein aggregates retain the ability to bind to the outer (i.e., alpha) 

subunits of the proteasome, these proteins are often too large to enter the catalytic core 

(50–52). Consequently, further protein aggregation occurs, which may ultimately result 

in proteasome sequestration-induced inhibition (27, 50, 51, 53). Although iProt 

enzymatic activity was not assessed in our previous study (49), the alpha-subunits of the 

iProt and standard proteasomes are structurally identical (23, 31, 35). Thus, the increase 
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in muscle LMP7 content noted in the obese mice of our prior investigation could 

conceivably represent inactive or inhibitor-bound units. Considering LMP7 is also 

required for the post-translational processing and maturation of the LMP2 and MECL-1 

iProt subunits (22, 31, 35), such a protein aggregate-induced reduction in LMP7 activity 

may also explain why intramuscular concentrations of the MECL-1 subunit were 

unaltered by DIO despite a rise in LMP7 content (49). If iProt activity is impaired in 

obesity, the subsequent inability to contain oxidatively damaged protein aggregation (i.e., 

maintain proteostasis) could ultimately predispose obese individuals to reductions in 

muscle mass and/or function. As low muscle mass and strength are important predictors 

of future functional independence, morbidity and mortality (13, 18, 54–59), there is a 

need to determine potential regulators of muscle proteostasis and how these factors may 

or may not be altered in the obese state. 

Therefore, the purpose of the present study was to extend the investigations of our 

prior work (49). Specifically, the current investigation sought to elucidate the impact of 

an obesogenic diet (high-fat, high-sucrose) on 1) intramuscular iProt content and activity, 

and 2) whether any alterations to the iProt were associated with intracellular oxidized 

protein (i.e., protein carbonyl) accumulation in wild-type (WT) mice. Although our 

previous study saw no change in markers of pro-inflammatory macrophages within the 

muscle of obese mice, intramuscular cytokines were not analyzed. As interferon-gamma 

(IFN-γ) and tumor necrosis factor-alpha (TNF-α), are considered the most robust pro-

inflammatory activators of the iProt (22, 23, 31), and since local inflammation within 

obese muscle is conflicting (9, 83), a further aim of the present study was to assess 

protein concentrations of these cytokines in the muscle of WT mice with and without 



43 

DIO. Lastly, although we previously noted high-fat feeding caused a significant reduction 

in GA muscle mass when expressed relative to total body mass, absolute muscle mass 

was increased, thus rendering the significance of the former findings unclear (49). 

However; obesity-associated reductions in muscle contractile function and relative 

strength (13, 17, 18) are currently considered stronger predictors of future adverse health 

outcomes (17, 18, 59, 79, 80) and typically manifest prior to a change in muscle mass 

(59). As strength could be negatively impacted by possible iProt dysfunction, and was not 

measured in our prior study, a final aim of the current investigation was to confirm the 

effect of HFS-feeding on muscle strength in WT mice (81, 82). The impact of DIO on 

absolute and relative muscle mass was also assessed. 

We hypothesized intramuscular concentrations of the iProt subunits, protein 

carbonyls, IFN-γ and TNF-α would be increased, however; iProt activity, and body mass-

adjusted strength and muscle mass would be reduced in mice with DIO. 

 

Methods and Materials 

 

 

Animals 

 

Four-week-old male wild-type mice (C57BL/6J) (initial N = 24) (Jackson 

Laboratories, Bar Harbor, ME) were housed (4 mice per cage) and treated in the Animal 

Research Facility at Baylor University. The mice were acclimated to the facility for 7 

days prior to any experimental sessions. All mice were housed on a 12:12h light-dark 

cycle with access to food and water ad libitum. Animal care and procedures were 

approved by the Institutional Animal Care and Use Committee (IACUC) at Baylor 

University. 
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Experimental Groups 

 

Following acclimation, study animals were randomized into two diet groups; half 

(n = 12) were fed a high-fat, high-sucrose (HFS) diet consistent with the typical western 

diet (66), and the remainder a low-fat, low-sucrose control (LFS) diet. However, due to 

excessive fighting, one mouse assigned to the LFS diet group required humane 

euthanasia during the first week of feeding (final LFS group n = 11). The feeding phase 

of the study occurred over a 12-week duration to be consistent with the timeline of our 

prior investigation (49). Online statistical computing web programming 

(www.randomization.com) was used to generate the randomization schedule for this 

study. Individual animal cages were assigned to the respective diet groups by a member 

of Baylor’s Veterinary Care Staff who was blinded to the study hypotheses. 

 

Sample Size Estimations 

 

The number of proposed mice per experimental group was determined by a 

sample size estimation for a two-tailed independent t-test. The main effects of interest 

were the mean difference in; 1) iProt content and activity and 2) protein carbonylation 

and inflammation within skeletal muscle, as well as 3) the mean difference in muscle 

mass and strength in mice. As measures of protein carbonyls and muscle strength were 

not analyzed in our prior study, and effect size estimates were unavailable from the 

surrounding literature, sample size for the current investigation was calculated based on 

effect size estimates for the variables LMP7 (Cohen’s d = 3.4), intramuscular lipid 

peroxidation (8-isoprostane, Cohen’s d = 2.6) and relative muscle mass (Cohen’s d = 

1.24) (49). To ensure optimal power, final sample size was determined using the effect 

size for change in relative muscle mass. Therefore, a power analysis for a two-tailed 
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independent t-test (G*Power, version 3.1.9.4) using an effect size of 1.24, revealed a 

sample size of n = 12 mice per experimental group was sufficient to find an alpha of .05 

with a power of .80 (actual power = .83). Due to animal attrition in the first week of 

feeding, power was re-estimated using the same effect size. These estimations revealed 

the loss of one animal in the LFS diet group would not reduce power substantially (power 

= .81). Lastly, owing to the larger effect size estimates for the variables LMP7 and 8-

isoprostane, a sub-set of muscle samples were selected for biochemical analyses. 

Although a sample size estimate for an independent t-test using an effect size of 2.6, 

showed 4 muscle samples per experimental group would provide adequate power, a 

minimum of n = 8 samples per group were used (actual n = 8-12 depending on the nature 

and delimitations of each individual assay). The muscle sample sub-sets were selected at 

random within each diet group. 

 

Animal Diet and Assessment of Food Intake and Body Mass 

 

Starting at 5-weeks of age, mice were either fed a high-fat, high-sucrose (45% 

kcal fat, 17% sucrose), or a low-fat, low-sucrose (10% kcal fat, 0% sucrose) chow diet 

(Open Source Diets, New Brunswick, NJ). The experimental feeding period was 12-

weeks in duration, a timeline sufficient to induce a significant divergence in body mass 

between the control and obese groups (63, 66, 85). Except for fat and sucrose, both diets 

were matched for overall ingredient content. Food was replaced, and intake measured 

every second day. Based on standard adult mouse food requirements (144), both groups 

received the same pre-weighed amount of chow (4 g/day), multiplied by the number of 

mice per cage. The quantity of chow consumed per cage was determined by subtracting 
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the weight of remaining food from the pre-weighed amount of feed initially given (49). 

All mice were weighed bi-weekly to assess for changes in body mass. 

 

Assessment of Blood Glucose 

 

Blood glucose was assessed on four separate occasions; a baseline measure of 

glycemia was determined in all mice at the onset (i.e., first day) of the feeding phase, 

with subsequent analyses conducted once every four weeks until euthanasia at the 

beginning of week 13. Whole blood was sampled via tail-tip amputation following a 5 h 

(morning) fast (145) and blood glucose concentrations were determined using a handheld 

whole-blood glucose monitor (OneTouch Ultra2, Lifescan, Malvern, PA). 

 

Assessment of Forelimb Muscle Strength 

 

Muscle strength was assessed via the forelimb weight lifting test. This test is a 

valid and reproducible assessment of forelimb strength (81, 82), which exploits a mouse’s 

natural instinct to readily and strongly grasp onto small, thin wire mesh balls (weighing 7 

g) connected to a series of steel chain links (13 g each) (81). Briefly, the test measures the 

maximal weight a mouse can lift with their forepaws using a series of seven progressively 

heavier weights, each connected to a small wire mesh ball (weighing 20, 33, 46, 59, 72, 

85 and 98 g, which corresponds to the number of links attached to each wire ball). For 

each trial, mice were held mid-tail and lowered toward the wire ball. Maintaining grip for 

3 s was the criterion for a successful lift, and mice were allowed three attempts at each 

weight, with 10 s rest between attempts. Three failed attempts at a specific weight were 

grounds for test termination. Individual mice were assigned a final strength score based 

on the maximum time and weight achieved (16, 81, 82). For example, a mouse 
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successfully lifting the first three chain weights for 3 s each, but dropped the four-link 

chain after 1 s on its final attempt, received a strength score of 10 (([3 sec criterion 

achieved * number of links] + time attempted to hold next heavier weight in the series), 

i.e., = 3×3+1) (81, 82). Both absolute strength scores, and scores normalized to test-day 

body mass (16) are reported. Although this test is an assessment of forelimb strength, and 

muscles harvested for biochemical analyses were hindlimb muscles, to avoid potential 

bias, week 11 was selected as the time point for performing strength assessments in 

preference to week 12. 

 

Animal Euthanasia and Tissue Collection 

 

The animals were euthanized by cervical dislocation while under a heavy plane of 

gaseous anesthesia. Tissues harvested included; skeletal muscle and epididymal fat pads 

(i.e., visceral white adipose tissue). As fast-twitch muscle is more susceptible to lipid-

induced stress and accumulation (67, 68), and to minimize possible muscle fiber type-

related bias in our results, type II fiber predominant muscles (white gastrocnemius (GA) 

and tibialis anterior (TA) muscle) (69, 70) were selected for the purpose of this study. 

Additionally, as DIO may affect weight-bearing (e.g., GA) and non-weight bearing (e.g., 

TA) muscle groups differentially (18, 71), both the GA and TA muscle groups were 

harvested and included in subsequent analyses for comparative purposes. Once dissected, 

individual muscles were rinsed in PBS, trimmed of any attached adipose tissue, weighed 

and snap frozen in liquid nitrogen. The left GA and TA muscles were used to assess 

protein concentrations of our markers of interest, and the right GA and TA muscles were 

used for the assessment of iProt activity. The epididymal fat pad weight was used as a 

proxy for central adiposity and to confirm obesity status (146). All tissue sample tubes 
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were labeled with a unique serial number to blind investigators involved in endpoint 

analyses and stored at -80oC until use. 

 

Muscle Preparation for ELISA Assays 

 

As protease inhibitors may alter the proteasome, frozen GA and TA muscle tissue 

was homogenized (Polytron Kinematica, Bohemia, NY) in ice-cooled PBS alone and 

stored overnight at -20oC (n = 8 GA samples per diet group, n = 11 and n = 12 TA 

samples in LFS and HFS diet groups, respectively). Following two freeze-thaw cycles, 

the muscle homogenates were centrifuged at 5000 g for 5 min at 4oC per ELISA kit 

manufacturer recommendations. Total protein concentration contained within the 

homogenate was determined in duplicate using the Bradford assay method, with BSA 

(Bio-Rad, Hercules, CA) as a standard. Homogenates were then be aliquoted and stored 

at -80oC until use. 

 

Quantification of Intramuscular iProt, Total Proteasome and Inflammatory Cytokine 

Content 

 

Commercially available ELISA kits were used to determine protein 

concentrations of; the catalytic iProt subunits (LMP2, LMP7 and MECL-1), the α-7 

proteasome subunit (total proteasome content), and the cytokines IFN-γ and TNF-α 

(MyBioSource, San Diego, CA). All assays were read at a wavelength of 450 nm using a 

microplate reader (xMark, Bio-Rad, Hercules, CA) against a known standard. 

Measurements were performed in duplicate and normalized to the total protein content of 

the muscle homogenate. Final concentrations of the iProt subunits were also expressed 

relative to the total proteasome content contained within each sample as previously 

described (42, 43, 46, 120). 
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Quantification of Intramuscular Oxidative Stress (Protein Carbonyls) 

 

Protein carbonyl concentration was assessed in GA and TA muscle homogenate 

using the OxiSelect™ Protein Carbonyl ELISA Kit (Cell Biolabs, Inc., San Diego, CA) 

per the manufacturer’s instructions. All assays were performed in duplicate, read at a 

wavelength of 450 nm using a microplate reader (xMark, Bio-Rad, Hercules, CA), and 

final concentrations were normalized to the total protein content of the muscle 

homogenate. 

 

Muscle Homogenate Preparation for Proteasome Activity Assays 

 

Frozen GA and TA muscle tissue (n = 8 GA and TA samples per diet group) were 

homogenized (Polytron Kinematica, Bohemia, NY), in ice-cold cell lysis buffer (40 mM 

Tris, pH 7.2, 50 mM NaCl, 2 mM βME, 2 mM ATP, 5 mM MgCl2, UBPBio, Aurora, 

CO). The inclusion of ATP and MgCl2, and the exclusion of protease inhibitors in the 

lysis buffer ensured the proteasome structure, and thus activity were preserved (60, 62). 

Following centrifugation at 17000 g for 20 min at 2oC (60), total protein concentration 

contained within the muscle homogenate was determined in duplicate using the Bradford 

assay method, with BSA (Bio-Rad, Hercules, CA) as a standard. Homogenates were 

subsequently aliquoted and stored at -80oC until use. 

 

Quantification of Intramuscular Proteasome Activity 

 

Chymotrypsin-like activity in GA and TA muscle homogenate was determined 

via a Fluorometric Assay Kit (UBPBio, Aurora, CO). The assay protocol was optimized 

for use in skeletal muscle homogenate as described in Chapter Three. Briefly, the peptide 

substrate Ac-ANW labeled with fluorescent AMC (7-amino-4-methylcoumarin) was the 
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model substrate used to test chymotrypsin-like activity. The fluoropeptide substrate was 

prepared as a 50 mM stock solution in DMSO and diluted in assay buffer (40 mM Tris, 

pH 7.1 at 37°C, 2 mM βME, UBPBio, Aurora, CO) to a final concentration of 100 µM. 

Prior to fluoropeptide addition, muscle homogenates (3.5 mg) were pre-incubated in 

assay buffer for 10 min at 37°C in the absence or presence of the iProt-specific inhibitor 

ONX-0914 (200 nM), or MG-132 (200 µM), a non-specific proteasome inhibitor. Due to 

the large sample volumes required, MG-132 analyses were only performed in GA muscle 

homogenate. A serial dilution of AMC (UBPBio, Aurora, CO) was used to generate a 

standard curve. Peptidase activity was measured by monitoring AMC liberation over time 

with a multi-mode microplate reader (Varioskan LUX, Waltham, MA) using excitation 

and emission wavelengths of 340 nm and 460 nm, respectively. All experiments were 

performed at 37oC in black, 96-well microtiter plates (Greiner Bio-One, Monroe, NC), 

and AMC fluorescence was measured every minute for 15 min per manufacturer’s 

instructions. All assays were performed in triplicate, with negative control (i.e., inhibitor-

treated samples) and blank values subtracted. Mouse spleen extracts (UBPBio, Aurora, 

CO) served as a positive control. The rate of chymotrypsin-like activity was determined 

by comparing peptide fluorescence from inhibitor-treated and untreated samples (within 

the linear range of the kinetic curve), with AMC fluorescence of the standard curve (43, 

46, 60). Enzyme activity was subsequently normalized to the total proteasome content 

(i.e., the α-7 subunit) contained within each tissue sample to ensure activity measures 

were comparable between samples (46, 61, 62, 73, 74). Normalized activity measures are 

presented as nmol AMC liberated per minute per mg protein, per ng/mg of the α-7 

subunit (nmol/ng/min). 
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Statistical Analyses 

 

SPSS (version 26.0) for Windows was used to perform the statistical analyses. 

Significance was accepted at the p < .05 level of confidence. Change in body mass and 

blood glucose between normal-weight and obese mice during the feeding period was 

assessed via a mixed model analysis of variance (ANOVA) and post-hoc tests consisting 

of pairwise comparisons with Bonferroni correction. One-tailed statistical tests were used 

to compare group differences in confirmatory variables. Specifically, one-tailed 

independent t-tests were used to compare strength scores between LFS-fed and HFS-fed 

mice, however; a Mann-Whitney-U test was required to compare epididymal fat mass 

(due to non-normal data). Between diet-group comparisons of all other variables at study 

completion were analyzed via two-tailed statistical tests. Independent t-tests were used to 

compare GA and TA muscle mass, muscle concentrations of LMP2, LMP7, MECL-1, 

protein carbonyls, IFN-γ, TNF-α and muscle chymotrypsin-like activity. Due to lack of 

normality, a Mann-Whitney-U test (two-tailed) was used to compare between group 

differences in GA and TA muscle total proteasome content (i.e., the α-7 subunit). All 

values are reported as mean  standard error of the mean (SEM). 

 

Results 

 

 

Body Mass, Epididymal Fat Mass and Skeletal Muscle Mass 

 

Animal body mass did not differ (HFS 17.6 ± .6 g vs LFS 16.4 ± .7 g, F(1,21) = 

1.87, p = .186) between the two experimental diet groups at study initiation. However, 

mice fed the HFS diet demonstrated a significantly greater body mass (HFS 20.57 ± .5 g 

vs LFS 17.4 ± .5 g, F(1,21) = 22.82, p < .001) within the first week of high-fat, high-
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sucrose feeding. The significant divergence in body mass between obese and control 

groups continued for the remainder of the feeding period (p < .001 for all subsequent time 

points) (figure 4.1). At study completion, HFS- and LFS-fed mice gained 135% and 64% 

of their initial body mass, respectively, and epididymal fat mass was significantly greater 

(U = 0.00, p < .001) in mice fed the HFS diet (Table 4.1). 

 

 

 
 
Figure 4.1. Change in body mass with high-fat, high-sucrose feeding. A mixed method (2x13) 

ANOVA and pairwise comparisons using Bonferroni adjustment were used to compare weekly 

change in body mass between LFS- and HFS-fed mice over the experimental feeding period. Data 

are displayed as mean  SEM at each time point and * denotes p < .001 compared to LFS control 

mice (n = 11 and n = 12 mice per LFS and HFS diet groups, respectively). 

 

 

Following the obesogenic diet, absolute GA muscle mass was significantly higher 

in obese mice (t(21) = 3.139, p = .005). However, when normalized to body mass, 

relative GA muscle mass was significantly lower (t(21) = -10.114, p < .001) in animals 

fed the HFS diet compared to their normal-weight counterparts (Table 4.1, figure 4.2). In 

contrast, absolute TA muscle mass was no different between the two experimental diet 
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groups (t(21) = 1.124, p = .274), but TA mass was significantly reduced in HFS-fed mice 

(t(21) = -8.943, p < .001) when expressed relative to body mass (Table 4.1, figure 4.3). 

 
 

Table 4.1. Body mass, epididymal fat mass and muscle mass at study completion 

 

Outcome Variable LFS-fed mice 

(n =11) 

HFS-fed mice 

(n = 12) 

p-value 

Final total body mass (g) 26.9 ± 1.1 41.5 ± 1.0 .001* 

Epididymal fat mass (g) .5 ± .1 2.3 ± .2 .001† 

Absolute GA muscle mass (mg) 330.6 ± 4.0 351.7 ± 5.3 .005‡ 

Absolute TA muscle mass (mg) 118.6 ± 3.5 123.9 ± 3.9 .274‡ 

GA muscle mass relative to body mass (mg/g) 12.3 ± .2 8.6 ± .3 .001‡ 

TA muscle mass relative to body mass (mg/g) 4.4 ± .1 3.0 ± .1 .001‡ 
 

Note: Values are means  SEM. Muscle masses refer to combined mass from right and left legs, and 

absolute and relative GA mass refers to mixed muscle mass prior to red and white muscle separation. 

Asterixis pertain to statistical tests from which p-values were derived; * Mixed method (2x13) ANOVA and 

pairwise comparisons with Bonferroni adjustment, † Mann-Whitney-U test (one-tailed), ‡ Independent t-test 

(two-tailed). Sample size for all variables was n = 11 and n = 12 mice per LFS and HFS diet groups, 

respectively. 

 

 

 
 

Figure 4.2. Change in GA muscle mass with DIO. Data are displayed as mean  SEM for each 

group with absolute muscle mass and muscle mass relative to body mass represented on the 

primary and secondary y-axes, respectively. Independent t-tests (two-tailed) revealed * absolute 

GA muscle mass was greater (p = .005), but † relative GA muscle mass was lower in mice with 

DIO (p < .001) (n = 11 and n = 12 mice per LFS and HFS diet groups, respectively). 
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Figure 4.3. Change in TA muscle mass with DIO. Data are displayed as mean  SEM for each 

group with absolute muscle mass and muscle mass relative to body mass represented on the 

primary and secondary y-axes, respectively. Independent t-tests (two-tailed) revealed * absolute 

TA muscle mass was not different between diet groups (p = .274), however; † relative TA muscle 

mass was lower in mice with DIO (p < .001) (n = 11 and n = 12 mice per LFS and HFS diet 

groups, respectively). 

 

 

Blood Glucose 

 

A mixed method (2x4) ANOVA revealed a significant interaction effect between 

diet group assignment and change in blood glucose assessed during the feeding phase of 

the study (F(3,63) = 20.14, p < .001). Although Bonferroni post hoc tests showed no 

between-group difference in blood glucose at the onset of experimental feeding (HFS 

206.8 ± 7.6 mg/dL vs LFS 199.4 ± 8.0 mg/dL, F(1,21) = .46, p = .505), blood glucose 

was significantly higher in mice fed the HFS diet (F(1,21) = 34.65, p < .001) by the 

second blood sampling time point (i.e., experimental week 5) (figure 4.4). The significant 

difference in blood glucose between HFS-fed mice and the LFS-fed controls persisted for 

all subsequent blood samples (p < .001 for all), despite an unexpected rise in blood 
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glucose noted in the LFS control mice at euthanasia (LFS week nine 158.9 ± 8.8 mg/dL 

vs LFS week thirteen188.6 ± 8.1 mg/dL, F(1,21) = 17.2, p = .001) (figure 4.4). 

 

 

 
 
Figure 4.4. Change in blood glucose with high-fat, high-sucrose feeding. A mixed method (2x4) 

ANOVA and pairwise comparisons using Bonferroni adjustment were used to compare monthly 

change in blood glucose between LFS- and HFS-fed mice over the experimental feeding period. 

Data are displayed as mean  SEM at each time point and * denotes p < .001 compared to LFS 

control mice (n = 11 and n = 12 mice per LFS and HFS diet groups, respectively). 

 

 

Muscle Strength 

 

Strength was assessed during the penultimate week of experimental feeding via 

the forelimb weight lifting test. Absolute strength scores and strength scores adjusted to 

body mass (relative strength score) are displayed in figure 4.5. Independent t-tests 

revealed no difference in absolute forelimb strength between obese and LFS-control mice 

(t(21) = -.33, p = .373). However, when adjusted to body mass, relative forelimb strength 

score was significantly lower in HFS-fed mice when compared to their normal-weight 

counterparts (t(21) = -2.07, p = .025). 
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Figure 4.5. The impact of high-fat, high-sucrose feeding on forelimb strength. Independent t-tests 

were used to compare absolute strength scores (primary y-axis) and strength scores normalized to 

test-day body mass (secondary y-axis) between LFS- and HFS-fed mice toward the end of the 

experimental feeding period. Data are displayed as mean  SEM and * denotes p = .025 compared 

to LFS control mice (n = 11 and n = 12 mice per LFS and HFS diet groups, respectively). 

 

 

Intramuscular Inflammation and Oxidative Stress 

 

Gastrocnemius and TA muscle concentrations of the pro-inflammatory cytokines 

(IFN-γ and TNF-α) did not differ (p > .050) between obese and control mice (Table 4.2). 

However, oxidative stress (protein carbonyl concentration) was significantly elevated 

within the GA (t(14) = 2.32, p = .036) and TA (t(21) = 2.28, p = .033) muscles of mice 

with DIO (figure 4.6). 
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Table 4.2. A comparison of GA and TA muscle IFN-γ and TNF-α (ng/mg) protein concentrations 

between obese and normal-weight mice 

 

Pro-Inflammatory 

Cytokine 

LFS-fed mice HFS-fed mice t-value df p-value 

IFN-γ (GA muscle) 1.29 ± .02 1.31 ± .07 .264 14 .796 

IFN-γ (TA muscle) 1.81 ± .06 1.94 ± .05 1.831 21 .081 

TNF-α (GA muscle) 241.94 ± 10.35 243.07 ± 7.18 .089 14 .930 

TNF-α (TA muscle) 214.40 ± 4.46 231.32 ± 7.20 1.954 21 .064 
 

Note: Values are means  SEM. Independent t-tests (two-tailed) were used to compare all variables 

between LFS- and HFS-fed mice (n = 8 GA samples per diet group, n = 11 and n = 12 TA samples in LFS 

and HFS diet groups, respectively). 

 

 

 
 
Figure 4.6. Change in GA and TA muscle protein carbonyl content in response to high-fat, high-

sucrose feeding. Data are presented as mean  SEM and independent t-tests (two-tailed) were 

used to compare between group differences in protein carbonyl concentration in both GA and TA 

muscles. Asterixis denote * (p = .036) and † (p = .033) compared to LFS-fed control mice (n = 8 

GA samples per diet group; n = 11 and n = 12 TA samples in LFS and HFS diet groups, 

respectively). 
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Alterations in Intramuscular iProt Content 

 

Total proteasome content (the α-7 subunit) was no different in the GA muscle 

(HFS 1.96 ± .07 ng/mg vs LFS 1.78 ± .11 ng/mg, U = 20.50, p = .234) or TA muscle 

(HFS 1.54 ± .12 ng/mg vs LFS 1.67 ± .08 ng/mg, U = 93.00, p = .104) of mice with or 

without DIO. When compared to mice fed the LFS diet, protein concentrations of the 

LMP7 subunit were significantly lower (p = .020) in the GA muscle of obese mice, 

however; the LMP2 and MECL-1 subunits were unaffected (p > .050) by HFS feeding 

(Table 4.3). In contrast, intramuscular MECL-1 concentrations were reduced (p = .043) in 

the TA muscle of the obese mice, whereas the content of the LMP7 and LMP2 subunits 

were unaltered (p > .050) by DIO (Table 4.3). 

 

 
Table 4.3. A comparison of iProt catalytic subunit protein concentrations in the GA and TA 

muscle of mice with and without DIO 

 

iProt subunit LFS-fed mice HFS-fed mice t-value df p-value 

LMP2 (GA muscle) 5.41 ± .32 4.75 ± .37 -1.362 14 .195 

LMP2 (TA muscle) 9.95 ± .70 10.19 ± .39 .318 21 .753 

MECL-1 (GA muscle) 2.50 ± .15 2.22 ± .15 -1.357 14 .196 

MECL-1 (TA muscle) 2.48 ± .07 2.27± .07 -2.153 21 .043* 

LMP7 (GA muscle) 2.27 ± .10 1.92 ± .09 -2.617 14 .020* 

LMP7 (TA muscle) 2.12 ± .06 2.22 ± .06 1.225 21 .234 
 

Note: Values are means  SEM, and protein concentrations displayed are normalized to the total 

proteasome content (the α-7 subunit) contained within each muscle sample. Independent t-tests (two-tailed) 

were used to compare all variables between LFS- and HFS-fed mice (n = 8 GA samples per diet group, n = 

11 and n = 12 TA samples in LFS and HFS diet groups, respectively). * denotes between-group significance 

at the p < .05 level of confidence. 

 

 

Alterations in Intramuscular Proteasome Activity 

 

When compared to normal-weight control mice, iProt-specific chymotrypsin-like 

activity was significantly lower in both the GA (t(14) = -2.81, p = .014) and TA (t(14) = -

2.46, p = .028) muscles of mice with DIO (figure 4.7). Due to the large sample volumes 
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required for the assay, non-specific/total proteasome chymotrypsin-like activity was 

assessed in GA muscle samples only. Subsequent independent t-tests revealed total 

proteasome activity was also significantly reduced in the obese animals (t(14) = -2.24, p 

= .042) (figure 4.8). 

 

 

 
 
Figure 4.7. Change in GA and TA muscle iProt-specific chymotrypsin-like activity in response to 

a high-fat, high-sucrose diet. Data are mean (nmol/ng/min)  SEM for each group and presented 

as chymotrypsin-like activity normalized to the total proteasome content (i.e., the α-7 subunit) 

contained within each muscle sample. Independent t-tests (two-tailed) were used to compare 

between group differences in iProt catalytic activity in both GA and TA muscle groups (n = 8 

muscle samples per diet group for all assays). Asterixis denote * (p = .014) and † (p = .028) 

compared to LFS-fed control mice. 
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Figure 4.8. Comparison of iProt-specific and total proteasome chymotrypsin-like activity in the 

GA muscle of mice with and without DIO. Data are mean (nmol/ng/min)  SEM for each group 

and presented as chymotrypsin-like activity normalized to the total proteasome content contained 

within each muscle sample. Independent t-tests (two-tailed) were used to compare between group 

differences in catalytic activity (n = 8 muscle samples per diet group for all assays). Asterixis 

denote * (p = .014) and † (p = .042) compared to LFS-fed control mice. 

 

 

Discussion 

 

The present study sought to elucidate whether a high-fat, high-sucrose diet alters 

intramuscular iProt subunit content and catalytic activity in wild-type (WT) mice to 

identify a possible mechanism for impaired muscle proteostasis thought to occur with 

obesity (15, 20, 27, 49). Our results show for the first time that although total proteasome 

content was unchanged by DIO, there were intrinsic differences in iProt β-subunit 

composition in the muscle of obese animals, and chymotrypsin-like activity was 

significantly reduced. Additionally, the decrease in iProt activity noted with HFS-feeding 

coincided with an intramuscular accumulation of oxidatively modified proteins (protein 
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carbonyls), as well as reductions in body mass-adjusted muscle mass and strength. In 

contrast, muscle inflammation (IFN-γ and TNF-α content) was unaffected by obesity. 

A plethora of research indicates obesity-associated chronic overconsumption and 

the intramuscular deposition of surplus lipids creates an increasingly lipotoxic 

environment (15, 20, 27, 37, 49). Long-term exposure to such conditions places 

myocellular proteins at high risk of oxidative modification and damage, such as 

carbonylation (2, 15, 20, 27, 28, 37, 108, 109). Consequently, the increase in protein 

carbonyls noted within the GA and TA muscle of obese mice in the current study, was 

unsurprising. As protein oxidation is an irreversible post-translational loss-of-function 

modification (2, 27, 28, 108, 109), the removal of these damaged proteins is vital to 

preserve protein homeostasis and normal cell function (19, 110). 

Skeletal muscle contains a network of protein quality control systems to regulate 

proteostasis. However, the proteasome system is responsible for eliminating oxidized 

proteins (24, 25, 29, 31, 147), and the iProt is considered more efficient in carrying out 

this function when compared to the standard proteasome variants (29, 36). The catalytic 

subunits of the iProt are also preferentially upregulated over those of the standard 

proteasome in situations of inflammation and/or oxidative stress (22, 23, 29, 31, 36, 37). 

Considering obesity is a disease of chronic systemic inflammation and oxidative 

stress (1, 10, 88, 91, 96, 97, 107), one would assume the abovementioned stressors would 

stimulate a compensatory rise in iProt subunit content and activity to protect cells from 

damage. In support of the latter hypothesis, we previously showed 12-weeks of high-fat 

feeding (45% kcal fat) caused a commensurate increase in both oxidative stress (lipid 

peroxidation) and iProt content (the LMP7 subunit) in the GA muscle of WT mice, 
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despite no change to intramuscular inflammation. Insufficient tissue samples prevented 

the measurement of iProt enzymatic activity (49). While the current study found 

inflammation was similarly unchanged within obese muscle of WT mice, alterations to 

the iProt subunits were opposing. Specifically, a diet high in both fat and sucrose induced 

a significant reduction in the LMP7 and MECL-1 subunits within the GA and TA 

muscles, respectively. Immunoproteasome chymotrypsin-like activity was also reduced in 

both muscle groups of HFS-fed mice. As intramuscular inflammation was unaltered, and 

oxidative stress was elevated in both our studies, the cause for such discordant 

observations in the iProt may relate to other minor differences in experimental design. 

For instance, recent evidence indicates when epithelial kidney cells were exposed 

to fatty acids (palmitate) for short durations in vitro, the iProt subunits were subsequently 

increased. However, prolonged exposure to palmitate reduced iProt subunit content 

(125). Although two-dimensional cell culture models cannot fully replicate the complex 

cell-macronutrient interactions within the natural in vivo environment (148), and the 

translatability to myocytes is unknown, the findings of Lee et al. (125), are consistent 

with the intramuscular iProt alterations noted in the present study. Given the 

experimental feeding duration was identical for our prior (49) and current work, it is 

possible dietary elevations in both fat and sucrose accelerates and/or has an additive 

effect on iProt dysregulation when compared to a diet high in fat alone. While further 

confirmation is warranted, these data suggest chronic macronutrient overload with 

obesity downregulates iProt subunit expression and catalytic activity in numerous cell 

types. Since the iProt is a prime mediator in the removal of oxidized proteins (29, 32), 
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such a reduction in iProt activity also provides a plausible explanation for the coincident 

increase in intramuscular carbonyls noted in the obese mice of the current investigation. 

However, despite differences in efficacy (29, 32), a functional overlap between 

the iProt and standard 20S proteasome exists, which includes the degradation of oxidized 

proteins (24, 25, 29, 31, 35, 120). Although the β-subunit content of the standard 

proteasome was not specifically measured, the proteasome core complex is known to 

exhibit dynamic structural plasticity, and transforms based on cellular requirements (35, 

120). Therefore, as total proteasome content was unchanged in the current study, but 

certain iProt β-subunits were reduced within obese muscle, a compensatory increase in 

the corresponding β-subunits of the standard proteasome likely occurred. Nevertheless, 

total proteasome chymotrypsin-like activity was reduced, which could not be fully 

accounted for by the reduction in iProt-specific activity alone. Consequently, 

intramuscular proteasome dysfunction with obesity may not be restricted to the iProt. Our 

observations suggest obesity may also have a detrimental effect on the standard 

proteasome and any associated compensatory attempts to contain oxidative protein 

damage as a result of reduced iProt activity. Further research is required to confirm the 

extent to which obesity alters the activity of the individual proteasome variants and their 

ability to maintain muscle proteostasis. In addition, the precise underlying mechanisms 

driving such proteosome dysregulation in the obese state remains unclear. 

Nevertheless, oxidized proteins have a propensity to aggregate in situations of 

chronic oxidative stress (31, 35, 37). While previous investigations in cellular aging show 

these protein aggregates can still bind to the outer α-subunits of the 20S proteasome, they 

are often too large to enter the catalytic core (50–52). Consequently, further protein 



64 

aggregation occurs, which may ultimately result in proteasome sequestration-induced 

inhibition (27, 50, 51, 53). Alternatively, similar studies indicate the outer proteasome 

subunits are also susceptible to oxidative modification under conditions of heightened 

oxidative stress (19, 27, 149). Moreover, an increase in oxidized proteasome adducts was 

previously shown to correlate with reduced catalytic activity (149). Considering the outer 

α-subunit structure is identical among all the different proteasome variants (23, 31, 35), 

such post-translational loss-of-function modifications and/or sequestration by large 

protein aggregates could account for the decrease in iProt and total proteasome activity 

noted in obese animals in our study. 

Regardless of the underlying cause, compromised proteasome function coupled 

with the intramuscular accumulation of oxidatively damaged proteins with obesity is 

noteworthy. As impaired proteostasis diminishes muscle integrity (2, 19, 110), the 

inability to contain oxidative protein modification and damage, via the iProt and standard 

20S proteasome, may predispose obese individuals to reductions in muscle mass and 

strength. Indeed, relative forelimb strength was significantly reduced in the obese mice of 

the current study. Although absolute muscle mass was unaltered (TA) or increased (GA) 

with DIO, when normalized to total body mass, both TA and GA muscle mass were 

significantly lower in HFS-fed mice. The discrepant response in TA and GA absolute 

mass to HFS feeding was unsurprising. For instance, the GA muscle is a primary weight-

bearing muscle of the hindlimb and subjected to a constant overloading effect from the 

elevated body mass of obesity (18, 71). In contrast, the TA muscle is non-weight bearing, 

and thus, not exposed to the same body mass-induced muscle “training” effect (71). 

Therefore, the increase in absolute GA muscle mass suggests weight-bearing muscle 
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groups are somewhat protected from obese sarcopenia when compared to non-weight 

bearing muscle groups. However, the reduction in relative muscle mass also suggests the 

GA may be in the early stages of muscle atrophy. As reduced relative muscle mass in 

both the TA and GA coincided with the accumulation of oxidized proteins, there is 

reason to believe the change in muscle mass could be linked to impaired proteostasis, 

conceivably via proteasome dysfunction. Additionally, as skeletal muscle is responsible 

for 85% of glucose disposal (150), such a decline in muscle mass may explain why obese 

mice displayed signs of hyperglycemia. Consequently, the development of insulin 

resistance and type II diabetes in obese individuals could, at least partially, be explained 

by a diminished proteasome-mediated regulation of muscle proteostasis and mass. 

Although the current study is the first to perform such a comprehensive 

assessment of iProt content in conjunction with measures of iProt-specific and non-

specific proteasome activity in obese muscle, this research is not without limitations. 

First, the use of male mice limits the generalizability of our findings. As the metabolic 

derangements in response to HFS-feeding is blunted in female mice, males, particularly 

of the C57BL/6J strain, are currently considered better models of human obesity (63–65). 

Second, all muscle analyses were restricted to type II fiber-predominant muscle groups 

(69, 70), and whether similar alterations occur in type I muscle groups with obesity, is 

unknown. Considering fast-twitch muscle is more susceptible to lipid accumulation and 

related stress (67, 68), we felt the selection of these particular muscle groups were 

appropriate given the aims of the current study. In addition, owing to limited tissue 

homogenate volumes, comparative measures between the iProt and standard proteasome 

subunits contained within muscle were not assessed. Therefore, we cannot confirm 
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whether reductions in the iProt β-subunits induced a compensatory increase in the 

corresponding standard proteasome subunits. However, as total proteasome content was 

unchanged in obese muscle, such a compensatory increase in the standard proteasome, is 

plausible. Similarly, although we clearly show HFS feeding caused a significant 

reduction in iProt and total proteasome chymotrypsin-like activity, we did not include a 

measure of standard proteasome-specific activity. Nevertheless, prior research suggests 

conditions of inflammation and oxidative stress promote iProt expression and activity at 

the expense of the standard proteasomes in an attempt to regain cellular protein 

homeostasis (29, 32). Consequently, as obesity is a disease of chronic systemic 

inflammation and oxidative stress (1, 10, 88, 91, 96, 97, 107), and since intramuscular 

alterations to iProt activity with obesity were previously unknown, the primary aim of the 

current study was to evaluate iProt activity. Further research is required to clarify whether 

the proteasome variants are impacted differentially by obesity and the key upstream 

mechanisms involved in mediating dysfunction. Lastly, limited tissue samples also 

restricted the analysis of iProt activity to chymotrypsin-like activity. However, 

chymotrypsin-like activity is considered the rate-limiting step in proteolysis (151) and 

vital for the breakdown of oxidized proteins (36). Since the iProt displays enhanced 

chymotrypsin-like activity when compared to the standard proteasome (22, 35, 36), we 

felt a comprehensive assessment of all the iProt proteases was unnecessary. 

 

Conclusions 

 

Effective maintenance of muscle mass is a highly regulated, complex process 

dependent on a tight balance between muscle protein synthesis and breakdown (1–7). As 

numerous exogenous and endogenous stressors are known to accumulate in obese 
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muscle, sustaining protein homeostasis is inherently challenging (1, 8, 12, 90, 93–95). 

Indeed, the current investigation demonstrates oxidatively damaged proteins were 

increased in the muscle of obese mice, which coincided with a reduction in both iProt and 

total proteasome activity. The inability to contain such a disruption to intramuscular 

proteostasis, conceivably via the proteasome, could be a key determining event in the loss 

of muscle mass and function thought to occur with obesity (1, 8–18). Considering the loss 

of muscle mass and strength amplify the risk of morbidity and mortality (13, 18, 54–58), 

there is much merit for future research to further delineate the specific upstream 

mediators of obesity-associated proteasome dysregulation and the ability to maintain 

muscle proteostasis. Although the iProt is regarded as the more effective proteasome 

variant in the removal of oxidized proteins (29, 32, 35, 36), confirming the extent to 

which each individual proteasome contributes to impaired muscle proteostasis in the 

obese state would provide significant therapeutic opportunities. For instance, the ability 

to manipulate the specific proteasome sub-type with the greatest impact on obese muscle 

proteostasis could provide a novel mechanism to optimize the maintenance of muscle 

mass and function in obesity.  
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CHAPTER FIVE 

 

Conclusions 

 

 

The effective maintenance of muscle mass is a highly regulated, complex process 

dependent on a tight balance between muscle protein synthesis and breakdown (1–7). 

Research over the last five decades highlights the critical role of the standard proteasome 

in sustaining protein homeostasis, and how aberrations in this proteolytic system are 

linked to numerous diseases, including muscle atrophy (19, 25, 111, 126–128). 

Nevertheless, more recent evidence suggests immunoproteasome (iProt) dysregulation 

may also be an important intermediary in muscle pathology (41, 46, 49, 120, 129–131). 

Consequently, the ability to quantify the proteolytic activity of the different proteasome 

isoforms is crucial to further research in numerous atrophic disorders. 

The classical and most commonly cited method for determining proteasome 

activity in vitro is through the use of fluorescently tagged peptide substrates specific for 

the catalytic enzymes of the proteasome (73, 132, 133). During the assay, the sample of 

interest is incubated with these fluoropeptide substrates (62, 132, 133) in the presence 

and absence of a proteasome inhibitor. The use of an inhibitor (i.e., negative control) is 

vital to ensure the enzymatic activity measured can be ascribed to the proteasome, and 

not to other proteolytic enzymes contained within the sample (33, 61, 62, 73, 74, 76). 

Although several fluorometric assay kits for measuring the enzymatic activity of the 

standard proteasome are commercially available (41), few are specific to the iProt. 

Moreover, the assays deemed applicable to the iProt, were validated on mouse splenic 
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samples (60), and not skeletal muscle. As the iProt content of the spleen is comparatively 

greater than other non-lymphoid organs (61, 73), the recommended assay conditions and 

inhibitor concentrations may not translate to other tissues such as skeletal muscle (62). 

Consequently, the study described in Chapter Three sought to conduct preliminary trials 

to optimize the assay procedures listed by the manufacturer in murine skeletal muscle. 

Two specific aims were assessed. 

The purpose of the initial trial was to use the proprietary assay kit to test a range 

of muscle protein concentrations (1 mg, 3 mg and 5 mg protein) to determine the minimal 

protein content that would yield sufficient fluorescence signal intensity (i.e., signal within 

the mid-range of the standard curve) during the assay. Unsurprisingly, our results show 

fluorescence intensity is significantly improved in samples with higher protein 

concentrations. Nevertheless, we also demonstrate concentrations as low as 3 mg protein 

will still yield sufficient signal to enable the further calculation of proteasome activity (by 

extrapolation to the standard curve) (62). The results from this trial provided much 

needed guidance for future analyses within the current study, as well as those of Chapter 

Four. Indeed, given that mouse muscle sample volumes are typically limited, and owing 

to the large sample volume requirements of the assay, establishing the minimal 

concentrations required to gain optimal results, whilst also preserving limited sample, is 

vital. 

Consequently, muscle homogenate containing 3 mg protein was utilized for the 

second phase of investigations performed in Chapter Three. Specifically, we performed 

dose-response trials on murine muscle homogenate using two different proteasome 

inhibitors; an iProt-specific (ONX-0914) inhibitor, as well as MG-132, known to inhibit 
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all proteasome isoforms. The overall goal of the dose-response trials was to test whether 

manufacturer- and surrounding literature-recommended dosages visibly lowered 

proteasome activity in skeletal muscle homogenate. The observations made from these 

trials, together with manufacturer recommendations and inferences from the surrounding 

literature, allowed us to make informed decisions regarding appropriate inhibitor doses to 

use with skeletal muscle samples in the analyses of Chapter Four, as well as any research 

conducted in the future. Specifically, the study depicted in Chapter Four sought to apply 

the knowledge gained regarding the analysis of iProt and total proteasome activity in 

normal, healthy murine skeletal muscle, and extend the investigations to muscle tissue 

from mice with diet-induced obesity. 

Numerous exogenous (e.g., dietary fat) and endogenous (e.g., oxidative free 

radicals) stressors are known to accumulate in obese muscle (1, 8, 12, 90, 93–95). 

Consequently, sustaining intramuscular protein homeostasis (proteostasis) is inherently 

challenging (1, 8, 12, 90, 93–95) and may predispose obese individuals to reductions in 

muscle mass and/or function (12, 15, 17–20, 59). Indeed, the investigation of Chapter 

Four demonstrates oxidatively damaged proteins accumulated in the muscle of obese 

mice. Notably, these alterations within muscle also coincided with reduced iProt and total 

proteasome activity, as well as a decrease in relative muscle mass and strength. Since the 

proteasome, particularly the iProt, is a prime mediator in the removal of oxidized proteins 

(29, 32), our findings suggest proteasome dysfunction could be a key determining event 

in the loss of intramuscular proteostasis with obesity. As impaired proteostasis diminishes 

muscle integrity (2, 19, 110), the inability to contain oxidative protein damage via the 

proteasome, provides a plausible explanation for the loss of muscle mass and strength 
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observed in the obese mice described in Chapter Four. Considering muscle atrophy and 

reductions in strength amplify the risk of morbidity and mortality (13, 18, 54–58), future 

research is vital to delineate whether deficits in proteasome function noted in young 

obese individuals augment the loss of muscle already known to occur with age (152, 

153). 

There is also much merit for future work to determine the specific impact obesity 

has on the different proteasome variants, including standard-iProt hybrids, and their 

ability to maintain muscle proteostasis. Elucidating the extent to which each individual 

proteasome and/or proteasome hybrid contributes to impaired muscle proteostasis in the 

obese state would provide significant therapeutic opportunities. For instance, the ability 

to manipulate the specific proteasome sub-type with the greatest impact on obese muscle 

proteostasis could provide a novel mechanism to optimize the maintenance of muscle 

mass and thus function in obesity. 

Moreover, determining whether decrements in intramuscular proteolytic function 

can be slowed and/or reversed via non-pharmacologic interventions such as exercise 

could be equally important for optimal muscle health and future health status. 

Interestingly, a prior study conducted in our lab showed that intramuscular lipotoxicity 

was significantly reduced in obese mice 5 d following an acute bout of downhill running. 

Lipotoxicity in the muscle of high fat-fed mice was also reduced to levels consistent with 

their normal weight counterparts, and coincided with increased muscle concentrations of 

both the LMP7 and MECL-1 iProt subunits (49). As iProt function was not assessed, 

confirmatory research is warranted. Nevertheless, our prior work suggests a single bout 

of downhill treadmill running may yield protective effects in obese individuals by 
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reducing muscle oxidative stress via an upregulation of the iProt. Since the metabolic and 

cardiovascular demands of eccentric exercise are lower when compared to concentric 

exercise, this form of training is thought to promote better adherence rates in obese 

populations (154–156). Future investigations should thus ascertain whether eccentric 

exercise training is also superior in mediating the intramuscular proteasome response to 

obesity. Results from such studies would provide much needed insight for the 

determination of optimal exercise interventions for the management of obesity. 

However, skeletal muscle contains several quality control systems that regulate 

protein homeostasis (25, 28, 48, 111, 116), and the potential interaction between the 

proteasome and other proteolytic mechanisms cannot be ignored (25, 28, 157). For 

example, Xie et al. (157) recently showed the LMP7 subunit of the iProt downregulates 

the autophagy gene, ATG5, and thus the autophagy-lysosomal pathway in 

cardiomyocytes. Furthermore, the LMP7-mediated reduction in autophagy promoted an 

increase in cardiomyocyte size. Whether the iProt performs a similar function in skeletal 

muscle, and whether obesity upregulates intramuscular autophagy through impaired iProt 

activity, is unknown. Determining such potential coordinated actions between the major 

protein quality control systems in skeletal muscle, and the impact obesity may have on 

such interactions is also imperative to advance the development of therapeutics which 

enhance muscle mass maintenance. 

Lastly, regulators of muscle mass may not be confined to the local muscle 

environment, but likely impacted by signals originating from other organs or tissues (12, 

88, 158, 159). In particular, obesity-related fat accumulation within both visceral adipose 

tissue (VAT) and the liver is associated with reductions in muscle mass (12). The precise 
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way in which dysfunction within these organs alter muscle mass is currently unclear. 

However, as preliminary investigations suggest oxidative stress is shared among the 

obesity-induced pathologies of muscle, liver and VAT (12, 88, 158, 159), a subsequent 

multi-systemic dysregulation of proteolytic function is conceivable. Consequently, future 

research should also consider the potential signaling cross-talk between muscle and other 

organs and elucidate whether a central moderator of oxidative stress exists. Gaining an 

understanding of such molecular drivers of oxidative stress and impaired proteostasis 

would not only aid the treatment of obese muscle pathology, but could reveal a 

therapeutic avenue for treating a myriad of chronic diseases associated with obesity. 
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